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Abstract 

Lipases play a very important role as natural biocatalysts of several biochemical 

reactions. There has been an increased demand for microbial lipases due to inability of 

plant and animal lipases to meet the global requirement. The current focus of the study 

was intended to explore a probiotic lipase obtained from Lactobacillus sp. for various 

applications such as polymer degradation, cell growth studies on degraded polymer film, 

biofuel production, nanoparticle synthesis, their characterization and 

nanobiotechnological applications. This probiotic lipase was isolated from Lactobacillus 

plantarum, Lactococcus brevis strains and their co-cultures. The production parameters 

were optimized by both classical, statistical methods previously established in our lab, 

followed by cloning and expression to further improve the yield.  

In the present study, three different lipases derived from Lactobacillus brevis, 

Lactobacillus plantarum and their co-culture have been utilized to explore their 

efficiency towards Poly-ε-caprolactone [PCL] degradation via enzyme pouring method. 

The effect of parameters like enzyme loading and degradation time had been studied to 

understand the efficiency of the enzymes used. Various characterization techniques such 

as thermogravimetric analysis (TGA), differential thermal analysis (DTA), scanning 

electron microscopy (SEM) and Fourier transform infrared spectroscopy (FTIR) have 

been employed to study the enzymatic degradation and its possible mechanistic insight. 

The enzymatic degradation was found to be significantly influenced by the concentration, 

time of exposure and the type of the enzyme. Among the three enzymes screened in this 

study, the lipase from Lactobacillus plantarum was found to possess the maximum PCL 

degradation activity at a nominal loading of 5 mg/mL. Thermogravimetric analysis 

results showed that with increasing exposure time of enzyme, the thermal stability of the 
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PCL films decreased due to its degradation. The DTA analyses revealed that the enzyme 

preferentially degraded the amorphous regions at first, as evidenced by the increase in 

percentage crystallinity of the polymer. While the SEM analysis had shown the cracked 

polymer surface after enzymatic degradation whereas, the FTIR analyses confirmed the 

hydrolytic action of the enzymes on the ester bonds of the PCL films. The study revealed 

the potential of genetically engineered probiotic Lactobacillus class of lipases towards 

polymer degradation with enhanced efficiency.  

Enzyme embedded polymer degradation was reported to be an attractive 

alternative approach to the conventional surface pouring method for efficient degradation 

of polymers using fungal derived enzyme Candida antarctica Lipase B (CALB). Despite 

the enormous potential, this approach is still in its infancy. This thesis employs, probiotic 

lipase obtained from Lactobacillus plantarum has been employed for the first time to 

study the enzyme embedded polymer degradation approach using poly(ε-caprolactone) 

(PCL) as the semicrystalline polymer candidate. PCL films embedded with 2 to 8 wt% 

of lipase are studied under static conditions for their enzymatic degradation up to 8 days 

of incubation. Thermogravimetric analyses (TGA) have shown a clear trend in decreasing 

thermal stability of the polymer with increasing lipase content and number of incubation 

days. Differential thermal analyses (DTA) have revealed that the percentage crystallinity 

of the left-over PCL films increases with the progress in enzymatic degradation due to 

the efficient action of lipase over the amorphous regions of the films. Thus, the higher 

lipase loading in the PCL matrix and more number of incubation days have resulted in 

higher percentage crystallinity in the left-over PCL films, which has further been 

corroborated by X-ray diffraction (XRD) analyses. In a similar line, higher percentage 

mass loss of the PCL films has been observed with increased enzyme loading and number 

of incubation days. Field emission scanning electron microscopy (FE-SEM) has been 
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employed to follow the surface and cross-sectional morphologies of the polymer films, 

which has revealed micron-scale pores on the surface as well as bulk polymer matrix 

with the progress in enzymatic polymer degradation. Additionally, FE-SEM studies have 

revealed the efficient enzyme-catalyzed hydrolysis of the polymer matrix in a three-

dimensional fashion, unique to this approach. In addition to the first time utility of a 

probiotic lipase for embedded polymer degradation approach, the present work provides 

insights on the PCL degradation under static and ambient temperature conditions with 

no-replenishment of enzymes. 

Owing to the eco-friendly nature of probiotic lipases, there lies a huge interest in 

exploring them as capping agents for various nanoparticle synthesis to achieve stability 

and biocompatibility. Lipase extracted from the probiotic Lactobacillus plantarum is 

utilized for the first time to study its efficacy in capping gold nanoparticles (GNPs) at 

room temperature synthesis using gold chloride solution (HAuCl4). The synthesized 

lipase-capped GNPs were characterized using UV-visible spectroscopy, FT-IR, High 

Resolution - Transmission Electron Microscope (HR-TEM), Dynamic Light Scattering 

(DLS) and zeta potential measurements. Importantly, selected area electron diffraction 

(SAED) studies with HR-TEM have revealed the effect of lipase capping in tuning the 

polycrystallinity of the GNPs. The lipase-capped GNPs were also explored for their 

catalytic efficiency towards an environmentally and industrially important conversion of 

4-nitrophenol to 4-aminophenol. Exploiting the amine functional groups in the protein, 

the recoverability and reusability of the GNPs have been demonstrated through 

immobilization over amine-functionalized Fe3O4 nanoparticles. 

Gold nanoparticles (GNPs) are key diagnostic and therapeutic agents in 

biomedical sciences.  Several studies have been carried out in different therapeutic areas 

such as in cancer treatment, antibacterial topical and imaging agents. There is a necessity 
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to evaluate the gold nanoparticles cytotoxicity at all fronts. Since blood is the first point 

of contact in any therapy, it is required to have a thorough in vitro investigation of gold 

nanoparticles interacting with blood to avoid any adverse effects. For this study, blood 

was collected from healthy volunteers. Platelets, plasma were separated using double 

centrifugation method from the blood and all the samples were treated with lipase capped 

gold nanoparticles, except control. Plasma fibrinogen, platelet aggrometry, blood clotting 

kinetic tests was performed. We found out that nanoparticles with certain 

physicochemical properties (e.g., size, charge, hydrophobicity) synthesized have no 

undesirable effects on the blood coagulation system. Our study revealed that lipase 

capped GNPs synthesized were hemocompatible. There was a significant increase in the 

fibrinogen levels in blood due to the exposure of the lipase capped nanoparticles which 

is consistent with other studies. 

There was no significant platelet aggregation, change in blood clotting time, 

kinetics and clot strength upon exposure to nanoparticles indicating the non-toxicity of 

lipase capped GNPs towards blood coagulation system, which is critical before carrying 

out any in vivo applications. 

Further, we studied the lipase enzyme isolated from Lactobacillus plantarum for 

stabilization of silver nanoparticles and explored the antimicrobial activity of the silver 

nanoparticles. The microbial resistance to different drugs due to excessive usage of 

antibiotics in various domains has become a serious environmental threat in the recent 

years. This gave the impetus to the researchers to find alternatives that do not lead to 

multi-drug resistant microbes. In this backdrop, silver nanoparticles (Ag NPs) have 

become a popular choice due to their potential broad spectrum antimicrobial attributes. 

Recent literature caution that about 400 metric tons of Ag NPs are synthesized annually 

all over the world that could cause environmental hazards when used at higher 
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concentrations than the toxicity limit. However, most of the literature reports use higher 

concentrations of Ag NPs and exposure to such concentrations may lead to environmental 

and health hazards. In this study, a series of Ag NPs have been synthesized using a lipase 

derived from a probiotic source Lactobacillus plantarum as the stabilizing agent. The Ag 

NPs synthesized through different combinations of lipase and AgNO3 are characterized 

using various techniques such as UV-visible spectroscopy, FT-IR, XRF (X-Ray 

Fluorescence), Dynamic Light Scattering (DLS) and HR-TEM. The lipase capped Ag 

NPs have been studied for their antimicrobial activity against representative microbes 

such as Pseudomonas putida, Staphylococcus aureus and Aspergillus niger. Our initial 

results reveal that the lipase capped Ag NPs possess high potential towards broad 

spectrum antimicrobial applications at concentrations much lower than the toxicity limit 

of the standard model, zebra fish.  

The application of free and sodium alginate immobilized lipase from L. 

plantarum, L. brevis was then studied for biodiesel production. Biodiesel synthesis has 

gained substantial attention of late, due to its biodegradability and non-polluting nature. 

Recent past, enzyme mediated transesterification of cooking oil for biodiesel production 

is highly focused. Enzymatic transesterification yields high purity biodiesel and enables 

easy separation from the by product, glycerol. But the cost of raw material remains a 

barrier for its industrial implementation. In order to make the synthesis process cost 

effective, we also explored the use of probiotic lipase isolated from Lactobacillus 

plantarum, L. brevis for generation of biodiesel from waste cooking oil as a raw material. 

We studied various parameters affecting the biodiesel synthesis such as molar ratio of oil 

to methanol, reaction temperature, stirring intensity and concentration of enzyme added. 

The results obtained for all the biodiesel samples were significant and the maximum 

average value was 81%, 59 %, 67%, 54% using immobilized lipase, free lipase at, 45 oC, 



ix 

 

160 rpm, with 1:6 fresh olive oil to methanol ratios for immobilized lipases using 

Lactobacillus plantarum, Lactobacillus brevis respectively, whereas for used olive oil 

the maximum average value obtained was 65%, 58.5%, 55%, 41% using immobilized 

lipase, free lipase at, 45 oC, 160 rpm, with 1:6 fresh olive oil to methanol ratios for 

immobilized lipases using Lactobacillus plantarum, Lactobacillus brevis respectively. 

The bioconversion of oil was found to be at par with other reports available in literature. 

These results also indicated that the obtained biodiesel can be used as fuel in diesel engine 

since the viscosity and density properties fall within the limits set by American Society 

for Testing Materials (ASTM) D 6751. 
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1.1 Introduction  

Enzymes play a vital role in many systems due to their unique function. Enzymes 

are protein in nature along with a co-factor for maximum activity and are designed to 

carry out a specific task which is unique for each enzyme [1, 2]. Similar to “key-lock” 

fit, each enzyme fits uniquely with one substrate and catalyzes the reaction [3, 4]. 

Enzymes sourced from microorganisms or animal cell cultures bring about different 

substrate conversions in respective reactions. They have the ability to work as catalysts 

in moderate to wide range of pH, pressure and temperature. In addition, they possess 

substrate specificity under appropriate environment and thus assist in manufacturing 

industrially critical products without any contaminations. Because of these benefits, 

enzymes are exploited in a variety of applications such as paper, cosmetics, food, 

detergent, textile and pharmaceutical industries [5–9].  One such significant enzyme of 

industrial relevance is the enzyme lipase. According to International Union of 

Biochemistry Nomenclature (IUBN) lipases are hydrolases and hydrolyses triglycerols 

to free fatty acids and glycerol [10].  Nowadays rapid progression in the enzymology is 

primarily the result of contemporary biotechnology’s accelerated evolution over the past 

decades. The bulk volume of industrially exploited enzymes are hydrolyzing in action, 

chiefly employed for the breakdown of several natural components [11]. The commercial 

applications of lipases is due to their multifold properties, easy extraction procedure, very 

less temperature and pressure conditions and potential of unlimited supply which is 

lacking in traditional industrial processes. [12]. Lipase catalysis of kinetic separation and 

asymmetric organic molecule synthesis to extract pure molecules has also been 

accelerated in the recent past. They are exploited to synthesize chiral molecules during 

the past decade due to the greater enantioselectivity [13, 14]. They are promising in the 

field of Green Chemistry mainly for the synthesis of chiral molecules, food additives or 
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many drugs under the gentle eco-friendly conditions [15]. One more area where lipases 

are widely exploited is bio-transformation of polymer materials. Polymer waste is 

extremely stable in the environment and their-biodegradability is limited. Recent reports 

include, the occurrence of polymer-degrading microorganisms in the environment, the 

isolation of new microorganisms for biodegradation, the discovery of brand-new 

degradation enzymes and the gene cloning for synthetic polymer-degrading enzymes 

[16]. One more enthralling and area of relevance for polymer degradation is “enzymatic 

lithography” and it is an eco-friendly approach to degrade polymer selectively and form 

desirable patterns that find numerous applications in biotechnology and electronics [17]. 

Current trends suggest the exploitation of lipases in reduction processes for the synthesis 

of metal nanoparticles [18–21]. However enzyme catalysis is associated with a few 

problems respect to their activity and stability. These limitations can be surmounted by 

exploiting enzyme-reaction engineering [22]. Here our aim is to provide a brief 

perspective on the recent trends in enzyme-based technology on materials. 

Representative examples from the literature are discussed to present an overview on the 

subject and pictorial representation of various applications of enzymes are given below. 

 

 

Figure. 1. Pictorial representation of various applications of enzymes. 
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1.2. Lipase sources and types 

Lipases are usually obtained from animals, plants and microbes. Nevertheless, 

the attributes of the enzymes’ origin determines the convenience, cost, and recovery 

process. In broad, lipase enzyme analogous to those of plants and animals can be obtained 

from microorganisms as well. There is a disposition to employ the enzymes from 

microbial sources for commercial purposes, since they are made abundantly by this 

approach [23]. The microbial enzyme industry offers rapid and robust growth of 

microbial sources, and thereby enables one to produce enzymes in large quantities. 

Microbes can be manipulated at genetic level to obtain better strains – via recombinant 

DNA techniques, chiefly – to better the quality of the enzyme and to obtain higher yields 

[24]. Lipase was first isolated & studied from bacteria like Serattia, Pseudomonas 

aeruginosa and Pseudomonas fluorescens  in 1901 [25]. The source of lipases from 

bacterial, fungal and yeast sources are listed below in Table 1. 

 

Table 1: The occurrence of lipases in different microorganisms 

Organism Author name and year 

Referenc

e 

number 

Pseudomonas cepacian Sugihara et. al.,        1992 26 

Pseudomonas aeruginosa Kukeraja et. al.,        2005 27 

Staphylococcus sp Ajith kumar et. al.,   2012 28 

Achromobacter lipolyticum  Khan et. al.,             1967 29 

Bacillus cereus Ananth et. al.,           2013 30 

Bacillus licheniformis VSG1 Sangeetha et. al.,       2010 31 

Bacillus smithii BTMS 11 Ephraim  et. al.,        2014 32 

Bacillus megaterium AKG-1 Sekhon et. al.,           2006 33 

Bacillus stearothermophilus MTCC 37 Saba et. al.,               2012 34 

Bacillus pumilus RK-31 Kumar et. al.,            2012 35 

Candida Antarctica ZJB09193 Liu et. al.,                 2012 36 
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Candida rugosa Pereira et. al.,             2001 37 

Lactobacillus brevis Chander et. al.,           1973 38 

Lactococcus lactis Uppada et. al.,           2012       39 

Lactobacillus plantarum Lopes et. al.,            1999 40 

Enterococcus faecium MTCC 5695 

Pediococcus acidilacticiMTCC 11361 
Rama Krishnan et. al., 2013 41 

Kluyveromyces marxianus Deive et. al.,              2003 42 

Lactobacillus delbrueckii subsp. 

Bulgaricus 
El-Sawah et. al.,          1995 43 

Lactococcus heleveticus Rashmi et. al.,            2014 44 

Aspergillus niger Faloni et. al.,              2006 45 

Aspergillus awamori Basheer et. al.,           2012 46 

Aspergillus fumigatus MTCC 9657 Rajan et. al.,             2011 47 

Fusarium solani FS-1 Maia et. al.,               1999 48 

Bacidiobolus Okafor et. al.,            1990 49 

Thermomyces lanuginosus Li et. al.,                 2009 50 

 

1.3 Enzyme production 

The enzyme industry rapidly progressed in the early 1980s and 1990s when it was 

established that enzymes can be obtained from the microbes. Traditionally, enzymes used 

to be extracted from animal and plant sources that resulted in reduced level of 

accessibility, swollen cost and inferior development of the enzyme industry. With the 

help of genetic engineering, desirable proteins are largely brought forth to satisfy the 

needs of enzyme industry. Therefore, to the highest degree biopharmaceuticals made 

nowadays are genetically modified products [51]. In recombinant synthesis, the initial 

step is to get the desirable DNA fragment; then the DNA is amplified and expressed in a 

suitable expression system. The yield, quality, production time and ease of extraction are 

crucial parameters for appropriate expression system for recombinant enzyme 

manufacturing [52]. Several enzyme expression systems have been established. These 

include cell cultures of bacteria, molds, mammals, yeasts, plants or insects, or via 

transgenic animals and plants. Various fermentation methods are employed to produce 
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enzymes. Microbial cultures are grown on large scale fermenters for enzyme production 

under optimized growth conditions [53, 54]. Solid state fermentation and submerged 

fermentation methods are used commonly for enzyme production, but the former one is 

preferred due to better maintenance of aseptic conditions and process control. 

1.4 Application of lipases 

1.4.1 Lipase mediated Polymer degradation 

Polymer degradation research has attracted attention mainly due to the increased 

use of the polymeric materials in various domains like agricultural industry, packaging 

industry, and biomedical applications. Nevertheless, increased commercial utilization of 

polymers has led to the waste disposal problems. In this backdrop, polymer degradation 

research has attracted unspoken significant attention to address the environmental issues. 

Enzymatic degradation of few biopolymers is presented here from recent literature along 

with factors that can be decisive for degradation. Microorganisms in the environment 

degrade polymeric materials by the action of their secreted enzymes. In biomedical 

applications the used polymeric biomaterials may be degraded upon physical contact 

with body fluids and tissues by several enzymes via by oxidation or hydrolysis [55]. A 

study reported the radio-labeled polyester-urethanes (PU’s) being degraded by 

cholesterol esterase, horseradish peroxidase and xanthine oxidase enzymes. It was found 

that the PU’s were degraded faster by the action of cholesterol esterase; however the 

initiation of degradation was done by environmental oxidation. These in vitro studies 

suggested building of polymers with better degradation rates for in vivo implantation [56, 

57]. The polymer degradation rate can be altered by changing the ratio of polymer blends. 

A study of Pseudomonas lipase mediated PCL degradation reports 100% weight loss for 

pure PCL polymer, while a blend of the same with 1% non-biodegradable polymer poly 

(styreneco- acrylonitrile) (SAN) degradation has yielded only 50% weight loss. The 
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difference in degradation pattern corresponds to the surface properties and crystal 

structure of the polymer blends. The enzymatic PCL degradation occurred at the 

amorphous surface of the polymer film. As the degradation proceeds, the content of the 

non-degradable component of the polymer blend increases at the surface and prevents 

the lipase from attacking the biodegradable PCL chains, there by stopping the polymer 

degradation abruptly [56]. In another similar study, degradation of poly (butylene 

adipate-co-butylene furandicarboxylate) (PBAFs) by porcine pancreas lipase reported 

that polymer degradation is influenced by the non-degradable crystalline part of the 

polymer. The amorphous component was degraded by the enzyme leaving the crystalline 

non-degradable part [57]. A study showed that the enzyme polyhydroxybutyrate (PHB) 

depolymerase acts on polymer surface first, and then hydrolyze the amorphous part of 

the polymer and later the crystalline regions [58, 59]. The same was reported by Iwata et 

al. that enzymatic degradation is greatly influenced by the polymer subunit’s crystalline 

nature and molecular conformation [60–62]. Reports suggest that polymer degradation 

by enzymes is highly dependent on reaction temperature. Degradation of cross-linked 

and non-crosslinked PCL polymer was done by the enzyme AK lipase in phosphate 

buffer saline (PBS) having pH 7.0. The enzymatic degradation gradually increased with 

increase in temperature till 55 ◦C and 50 ◦C for cross-linked and normal PCL, 

respectively. This suggests that the increased temperature increases the catalytic activity 

and reaches an optimum value. After attaining the optimum any further increase in 

temperature results in protein degradation and hydrolytic activity [63]. G. Madras et al. 

reported the effect of the alkyl group substitution on enzymatic and thermal degradation 

of poly n-(acrylates) [poly (methyl acrylate), poly (ethyl acrylate) and poly (butyl  

acrylate)]. Novozyme 435, lipolase and porcine pancreases were employed to degrade 

poly n-(acrylates) in toluene medium at various temperatures (40, 50 and 60 °C). The 
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enzymatic degradability order at 60 °C precedes the identical order as of thermal 

degradation of the respective polymers [64]. Stereo-isomers of polymer subunits also 

determines the degradation rate of polymer by enzymes’ stereospecificity. Several 

reports suggested the degradation of poly (L- lactide) by different enzymes like pronase, 

Proteinase K or lipase [65–68]. Proteinase K breaks down the ester bonds joining the L-

lactyl units preferentially compared to D-lactyl units [69–72]. Starch based co-polymers 

were also analyzed for their biodegradability by employing different enzymes. 

Pullulanase, glucoamylase and -amylase mediated degradation of polymeric blends of 

corn starch with poly (ethylene-vinyl alcohol) copolymer and PCL (SEVA-C and SPCL, 

respectively) have been examined and reported that -amylase was exhibiting superior 

activity to the glucoamylase [73]. A study has shown the enzymatic degradation of 

starch-PCL 3-D scaffold by lipase and -amylase. It was also identified that both the 

enzymes were able to degrade the polymer and the polymer matrix was found to be 

porous in nature after the enzymatic process [74]. In a relatively new approach, 

embedded enzymatic polymer degradation was reported by Gross et al. In this approach, 

an active enzyme is embedded in a polymeric matrix, which starts to degrade the whole 

matrix of the polymer as opposed to the conventional polymer degradation, where the 

degradation begins at the polymer film surface and then penetrate to the bulk. Candida 

Antarctica Lipase B (CALB) blended with the surfactant sodium bis (2-ethylhexyl) 

sulfosuccinate was mixed with PCL in various proportions and casted into thin films. It 

was found that the PCL films containing 6.5 and 1.65% of CALB at pH 7.1 resulted in 

complete degradation of the polymer in 1 and 18 days, respectively [75]. This 

demonstrates the ability to tune the degradation kinetics of a polymer simply by altering 

the enzyme loading in the matrix. In a later study, the same group has optimized flow 

conditions and relative humidity for the PCL degradation [76]. Thus, it is clear that the 
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polymer degradation is influenced by the surface and nature of chemical bonds existing 

in the polymer. Polymer blends with various components have a significant effect in the 

degradation capabilities of the final material. The presence of non-degradable polymer 

component in polymer blends will alter the polymer films’ micro-structure and thereby 

making it more crystalline and less accessible to the enzyme leading to lesser extent of 

degradation. It is evident that large number of polymers will be degraded to a great extent 

if proper pH, temperature conditions along with an appropriate enzyme is provided. 

Further investigation and understanding of polymer degradation is required that are 

specific towards individual enzymes. 

1.4.2 Lipases in detergent industry 

Lipases have been actively used in many commercial detergent preparations. The 

first lipase used in commercial detergents was isolated from Thermomyces lanuginosus 

[77]. This detergent preparation was more efficient for cold washing which reduces the 

energy consumption and wear and tear of textile fibers compared to synthetic detergents.  

Lipase isolated from Staphylococcus arlettae JPBW-1 of rock salt mines possessed an 

ability to remove oil stains with 52% when compared to traditional detergents. Hence, it 

found application as an additive in laundry detergent formulations [78]. The lipase 

isolated from Staphylococcus sp. strain ESW has ability to withstand greater alkalinity s 

and was active in non-ionic and anionic surfactants thereby highlighting its usage in 

detergent formulations [79]. Similarly, rubber seed lipase was isolated and studied for its 

compatibility with other commercial detergents and it was found to be functional in low 

temperatures, alkaline pH. The rubber seed lipase was checked for activity in various 

detergents. It didn’t lose its activity in the presence of various surfactants and detergents 

which in turn incorporated as an additive in the detergent formulations [80].  
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1.4.3 Lipase in production of biodiesel 

The transesterification action of lipase has been exploited to synthesize fatty acid 

methyl and ethyl esters from conventional vegetable cooking oils to use as biodiesel.   

The lipases isolated from Candida antarctica (Novozym 435) and 

Photobacterium lipolyticum lipase (M37) has been used for the production of biodiesel 

[81]. A comparative study was performed to evaluate the quality, quantity of biodiesel 

yields exploiting lipases from two different microbes. The results showed M37 to be the 

best suitable strain for biodiesel production. ‘Ecodiesel-100’ has been produced by 

exploiting pig pancreatic lipase, it showed biochemical properties similar to that of the 

conventional biodiesel [82].  A novel lipase CS274, isolated and purified from Ralstonia 

sp. showed resistance against both the oxidizing and reducing agents and it is used in the 

production of biodiesel from palm oil [83]. 

1.4.4 Lipases in ester synthesis 

Lipase based ester synthesis has been in use in food industry for decades. Short 

chain esters have a great significance in enhancing food taste, so they are used as 

synthetic flavors in food industries. Lipase isolated from fungal strain Rhizopus 

oryzae NRRL 3562 l is used to synthesize Methyl ester of pine apple flavor and octyl 

acetate of orange flavor, these esters are added to food as pine apple and orange synthetic 

flavors in food and beverage industries [84]. Similarly, Ethyl valerate, a green apple 

flavor ester, is synthesized by enzymatic esterification of valeric acid with ethyl alcohol 

by immobilized Burkhoderia cepacia [85].  

Lipase isolated from marine actinomycete, S. variabilis NGP 3 produced a 

fragrant ester which has been potentially employed in textile and brewing industries [86]. 

Lipase isolated from Rhizopus sp. has been used for different esterification and 
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transesterification reactions to produce citronellyl esters like citronellyl acetate and 

citronellyl butyrates which are used as flavor and fragrance enhancers respectively [87]. 

1.4.5 Lipase as biosensor 

Lipase based biosensors have been developed exploiting the enzyme specific 

properties, few examples are discussed here, Potentiometric biosensors  were developed 

by employing the lipase of Candida rugosa, to detect organophosphorus pesticides like 

methyl-parathion and tributyrin in soil, to estimate the pollutants and determine the 

fitness of the land for agriculture [88]. Fungal lipase-labelled probes can be employed in 

the detection of the complementary nucleic acids by specific hybridization which 

potentially eliminated the risk of using unstable and hazardous radio labelled 

polynucleotides [89]. Lipase based medical biosensor has been shown proficient in bio-

sensing the blood cholesterol and triglycerides [90].  

1.4.6 Lipase in cosmetics 

Lipase isolated from the fungal strains Candida cylindracea, Rhizomucor meihei, 

Candida antarctica has been employed in anti-obesity creams and hair care products. As 

all biological processes are based upon the activity of enzymes, these biocatalysts are 

also essential for body care. In the skin enzymes are responsible for uncoupling complex 

inactive molecules and transforming them into simpler and often more active molecules. 

Proteases, for example, decouple or hydrolyse proteins, glycosidases promote the 

enrichment of the epidermis with ceramides and tyrosinase facilitates the synthesis of 

melanin. On the skin and the stratum corneum, enzymatic reactions modulate 

keratinisation processes, ensure inter-corneocyte cohesion, encourage tanning and auto-

photoprotection, act on the metabolism of sebaceous glands and adipocytes, have a 

whitening activity on age spots, stimulate the natural defense mechanisms of the skin or 

protect collagen and elastin fibers. Accordingly, enzymes obviously make promising 
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natural active agents for specified personal care products belonging to the so-called 

‘functional cosmetics’, ‘cosmeceuticals’ or ‘treatment products’. Active lipases can 

mainly be found in cosmetics for surficial cleansing (e.g. ‘Facial Cleanser’ by Juju 

Cosmetics, ‘Revue Sebum Soap’ by Kanebo Cosmetics), anti-cellulite treatment (e.g. 

‘Silhouette Sculptant Exfoliating Mousse 402’ by Maria Galland, ‘Double Minceur 

Cible´e’ by Guinot) or overall body slimming (e.g. ‘Bath Additive with Fat Dissolving 

Enzymes’ by Ishizawa Laboratories), where they are responsible for the mild loosening 

and removal of dirt and/or small flakes of dead corneous skin (i.e. peeling) and/or assist 

in breaking down fat deposits, often in combination with further enzymes such as 

proteases. In a different approach lipases are included in cosmetic formulations for 

controlled in situ release of an active ingredient (e.g. hydroxy acids) from an inactive 

precursor (e.g. hydroxy acid ester), an application type that has become of particular 

interest in the field of functional perfumery for an even development of odour over time. 

Increasingly, however, enzymes already present in the skin instead of added enzymes are 

addressed by such cosmetics, as exemplified for the ‘‘on demand released’’ deodorant 

active polyglycerol-3 caprylate [91]. 

1.4.7 Lipases in medical treatment 

Lipases extracted from Yarrowia lipolytica are used as health care supplement in 

case of exocrine pancreatic insufficiency [92]. Skin inflammations can be conveniently 

treated by Lipases in combination with hyaluronidase enzyme [94]. Serum cholesterol 

level are reduced by Lovastatin, this drug is chemically synthesized by treatment of its 

precursor with lipase derived from Candida rugosa [95]. Regioselectivity activity of 

lipase isolated from Serratia marcescens has been exploited for asymmetric hydrolysis 

of key intermediate compound 3-phenylglycidic acid ester in the synthesis of diltiazem 

hydrochloride [96]. 
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1.4.8 Lipases in oil degradation 

Lipase isolated Candida antarctica, Pseudomonas cepacia, Yarrowia lipolytica, 

Pseudomonas aeruginosa and Carica papaya has been shown to possess the potential 

for the degradation of oil spills, fats and grease from water contaminated with oil thereby 

assisting in biological water cleanup thus eliminating water pollution [97]. 

Large success of microbial lipases in food and other biotechnological systems can 

be attributed to the broad biochemical diversity of the microorganisms, to the genetic 

manipulation of the organisms and to improved techniques for enzyme production and 

purification. Microbial enzymes also conform more closely to the required 

characteristics, such as cost of using the enzyme, activity at optimal conditions, safety of 

the enzyme and availability at required purity and stability, than do animal and plant 

lipases.  

Commercial production of extra-cellular enzymes is in principle very simple, 

involving cultivation of a microorganism and subsequent recovery of the enzyme. This 

requires the use of an organism which grows on an inexpensive medium and produces 

high yields of enzyme in a short time. Simple and inexpensive recovery of the enzyme 

leading to a stable product with an acceptable appearance and which can be handled 

safely is also important.  

These objectives are fulfilled by the combined optimization of strain properties 

and process parameters. Optimization of strain properties, mainly by the development of 

suitable mutants, usually offers an inexpensive and permanent solution to the problem.  

1.4.9 Enzyme mediated nanoparticle synthesis 

Synthesis of metal nanoparticles using biomolecules is attractive owing to their 

stability in colloidal solutions, different shapes and sizes. The broad range of nanoparticle 

utility is mainly due to the small size and greater surface area. A variety of synthetic 
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approaches have been employed for metal nanoparticle synthesis [98]. However, these 

processes have some liabilities due to the use of harmful radiations and chemical 

processes. Therefore, a lot of attention has been given in the current scenario for green 

and sustainable synthetic approaches for nanoparticles of various sizes and shapes while 

preserving monodispersity. In this context, the reductive enzymes from microorganisms 

like bacteria and fungi have gained significant attention for the synthesis of metal 

nanoparticles. Recent reports suggest the use of different reductases from Fusarium 

oxysporum for the synthesis of metal nanoparticles. In one such report, the extracellular 

Sulfate reductase from Fusarium oxysporum is employed to make cadmium sulfide 

nanoparticles of size 5–20 nm by the reaction of aqueous CdSO4 solution with the 

enzyme. The enzyme reacts and converts sulfate ions to sulfide ions, which lead to the 

formation of CdS nanoparticles [99]. The same group, in another study, has exploited 

extracellular alpha-NADPH-dependent nitrate reductase for the synthesis of silver 

nanoparticles [100]. Brayner et al., has employed common cyanobacteria like Anabaena, 

Leptolyngbya and Clathorix to synthesize Au, Pd, Pt and Ag nanoparticles of regulated 

size in colloidal solution protected with capping protein. They identified the intracellular 

protein responsible for the synthesis of nanoparticles to be a nitrogenase enzyme [101]. 

Silver has been used in the form of silver salts for the treatment of several bacterial 

infections from time immemorial. But antibiotics discovery has reduced the use of silver 

significantly. However, due to rapid development of nanotechnology and silver in the 

form of nanoparticles, did a successful return as a potent germicidal agent in the form of 

nanolotions and nanogels that helped reducing the use of antibiotics [102]. A pure form 

of alpha-amylase was used to make silver nanoparticles. The alpha-amylase reduced the 

silver ions resulting in the fabrication of stabilized 22–44 nm silver nanoparticles [103]. 

Extracellular nitrate-dependent reductase from several strains of Fusarium oxysporum 
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was extracted and used in the production of silver nanoparticles [104]. Similarly, nitrate-

dependent reductases from Aspergillus niger was shown to be capable of synthesizing 

silver nanoparticles. These nanoparticles were bactericidal against gram-negative 

Escherichia coli and gram-positive Staphylococcus aureus bacteria [105, 106]. In other 

developments, supernatants of Klebsiella pneumonia, Escherichia coli, and Enterobacter 

cloacae (Enterobacteriacae) that contain nitroreductase enzymes were used to synthesize 

metallic nanoparticles of silver [107]. A dimeric hydrogenase enzyme extracted from 

Fusarium oxysporum was employed to synthesize platinum nanoparticles [108]. Gold 

nanoparticles (Au NPs) possess large potential as drug carriers and also for gene delivery 

in gene therapy. One more unique feature of Au NPs is thiol group interaction, creating 

highly controlled means of drug or gene release [109]. Due to the surface plasmon 

resonance in the visible light range, Au NPs are vastly used in optical biosensors. The 

extract from fungi Sclerotium rolfsii containing NADPH-dependent enzyme was used by 

Narayanan et al., to synthesize gold nanoparticles in less than 15 minutes. They 

demonstrated the controllability of size and shape of nanoparticles by altering the salt 

and cell extract ratios [110]. Atul kumar et al., has shown that the enzyme activity was 

retained while synthesizing gold nanoparticles. A pure form of alpha-amylase was used 

to synthesize gold nanoparticles by reduction of tetrachloroaurate. The enzyme readily 

stabilized nanoparticles by capping in colloidal solution [111]. In other reports, in vitro 

biosynthesis of gold nanoparticles capped with peptide was done with help of sulfite 

reductase alpha-NADPH-dependent and phytochelatin. The enzyme sulfite reductase 

reduced gold ions resulting in the formation of a stable gold nanoparticle colloidal 

solution, with size ranging from 7–20 nm capped with the protein that stabilized the NPs 

in solution [112]. Rhodopseudomonas capsulata bacteria were employed for the 

synthesis of gold nanoparticles of different sizes and shapes. The key factor for 
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controlling the size and shape of the gold nanoparticles was found to be the pH value of 

the reaction mixture. It was proposed that the possible mechanism liable for the reduction 

of Au (3+) to Au (0) that results in the fabrication of gold nanoparticles is by the secreted 

cofactor NADH- and NADH2- dependent enzymes by the bacteria [113]. Morse et al., 

exploited hydrolase from marine sponge to catalyze the hydrolysis of gallium (III) nitrate 

that resulted in the polycondensation of gallium oxide to form nanocrystallites at low 

temperatures all along the length of the filaments [114]. Enzymatic synthesis of 

nanoparticles is highly dependent on the nature of the metal salt, enzyme and pH of the 

solution. The stability is brought about by the nature of capping proteins and interaction 

strength of proteins with metal nanoparticles. This may lead to varied morphologies and 

size control and monodispersity index. 

 

1.5 Gaps in existing research 

 

The above review states the wide range of applications of lipase enzyme which 

has led to the survey of a variety of potential microorganisms to be utilized for its 

production. Further, lipases show enhanced substrate specificity, regio and 

enantioselectivity, becoming the most used enzymes across the industries. Therefore, 

there is a need to display the important advantages of lipase over classical chemical 

catalysts, to characterize various applications of lipase, optimize the process for enhanced 

catalysis and improve enzyme-mediated process efficiency with reduced side products 

under mild temperature and pressure conditions.  

A careful introspection of the literature reveals several gaps exists as stated below in the 

current technology of polymer degradation, nanoparticle synthesis and biofuel synthesis 

using probiotic lipases isolated from Lactobacillus brevis and Lactobacillus plantarum. 
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➢ The current polymer degradation is based on either harmful chemical or physical 

treatment methods, and also majorly on fungal lipases. Since these methods are 

environmental damaging and isolation of fungal lipases is cumbersome. There 

is a need to develop eco-friendly approaches to degrade polymer material 

employing lipases from beneficial probiotic bacteria. So far no efforts have been 

made to employ lipases isolated from probiotic sources for degrading polymer.   

➢ There is a necessity for synthesizing nanoparticles using green methods and 

exploration of these nanoparticles in various fields like drug delivery, 

antimicrobial agents. 

➢ So far no attempts have been made to understand the role of probiotic lipases as 

capping agents and their applicability never been studied for nanoparticle 

synthesis, stability, catalytic activity, biocompatibility and also the role of 

probiotic lipase capping for enhancing the antimicrobial activity of 

nanoparticles has never been explored, this enables us to develop future 

antimicrobial agents that are biocompatible and robust.  

➢ Further there is a need to develop strategies to convert waste cooking oil to 

biodiesel to make carbon neutral fuel employing bacterial probiotics lipases that 

can be isolated easily and stable over harsher conditions.  

Lactobacillus brevis and Lactobacillus plantarum were selected for this study, 

since lipase isolated from those strains was rarely or meagerly explored for various 

applications and also the lipase enzyme from these species is metabolically versatile, 

stable in organic solvents, alkaline in nature, eco-friendly and these strains have a high 

proteome efficiency, effective at performing metabolic switch.   
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1.6 Scope and objective of the work  

Based on the gaps in the existing literature, we made an attempt to explore the probiotic 

lipase isolated from Lactobacillus sps. to study the following objectives: 

➢ Lactobacillus sps. lipase mediated poly (ε-caprolactone) degradation by pouring 

method. 

➢ Lactobacillus sps. lipase mediated embedded PCL degradation. 

➢ To understand the effect of probiotic Lactobacillus plantarum derived lipase in 

synthesizing and capping, catalytically active gold nanoparticles. 

➢ To evaluate in vitro hemocompatibility evaluation of gold nanoparticles capped 

with Lactobacillus plantarum derived lipase. 

➢ Evaluation of antimicrobial activity of Lactobacillus sps. lipase capped silver-

nanoparticles. 

➢ Free and immobilized Lactobacillus sps. lipase mediated transesterification of 

waste cooking oil to biodiesel. 
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Chapter 2 

Lactobacillus sps. Lipase mediated poly (ε-

caprolactone) degradation 
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2.1 Introduction: 

Enzymes are considered to be one of the efficient biocatalysts available in nature. 

Enzymes of various origins such as fungi including yeast, molds and bacteria have been 

shown to have a great potential towards a variety of catalytic chemical transformations. 

Among them, lipases are considered to be one of the important classes of enzymes, which 

are well known for their hydrolytic action on ester functionalities. Lipases from different 

bacterial strains are being screened for enhanced production, as they are easy to grow at 

mass level and genetically modified easily. Bacterial lipases find several promising 

applications in catalyst industry because of their alkaline nature, thermal stability and 

tolerance to organic solvents [116]. Specifically, lactic acid bacteria are universally 

accepted as important probiotics, non-pathogenic and healthy microflora of human 

mucosal surfaces [117]. In addition, lipases from these bacteria are also known for their 

contribution to chemical synthesis, polymer degradation, dairy industry, nutrition 

cosmetics and pharmaceutical processing [118, 119]. Due to the varied performance of 

lipases from different sources towards different applications, there is a constant effort 

towards screening hyperactive microbial strains for producing lipases with enhanced 

activity.  

              One of the important areas where lipases can play a major role is polymer 

degradation [120, 121]. In the backdrop of increasing pollution caused by various non-

degradable polymers such as polystyrene, polyethylene, polypropylene, there is a 

necessity for replacing them with biodegradable polymers [122]. The biodegradable 

polymers find immense usage in biomedical applications such as tissue engineering, drug 

delivery and resorbable sutures [123,124]. Some of the most common biodegradable 

polymers include polylactide, polyglycolide, polycarbonate, and polysaccharide [125, 

126]. In order to determine the applicability of a candidate polymer material, it is 
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important to understand its biodegradation. Thus, the study of biodegradability of 

polymeric materials is considered to be of paramount significance. PCL is a 

biodegradable and biocompatible semi crystalline linear aliphatic polyester, which is 

used in a wide range of bio-applications [127-130]. Extensive research has been carried 

out on the properties of PCL that identified this polymer to be compatible for various 

biomedical and environmental applications. A number of studies have reported fungal 

and bacterial lipase mediated PCL degradation [131-133]. In one such report, three fungal 

lipases of Rhizopus delemar, Candida rugose and Mucor miehei were tested to select the 

best enzyme for PCL degradation [134] and the lipase from Mucor miehei was found to 

effectively degrade PCL. Similarly, lipases from other fungal sources (like Fusarium 

moniliforme, Chaetomium globosum, Aspergillus fischeri, Aureobasidium pullulans, 

Aspergillus flavus, Cryptococcus laurentii) and bacterial source (like Pseudomonas sps.) 

were shown to be capable of degrading PCL [135-140]. Though lipases from fungi have 

been widely studied for PCL degradation, only a meagre literature is available with 

bacterial lipase other than Pseudomonas sps.  

In this chapter, we have explored PCL degradation using lipases from 

Lactobacillus brevis (molecular weight of 26 kDa), Lactobacillus plantarum (molecular 

weight of 66 kDa) and their co-culture, whose production was previously reported by our 

group [141]. The study in the present chapter focusses on the change in thermal stability, 

crystallinity, surface morphology and weight loss of PCL films with respect to its lipase 

mediated degradation in detail. 
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2.2 Material and Methods: 

2.2.1 Materials: 

2.2.2 Sources: L. plantarum (MTCC 4461) and L. brevis (MTCC 4460) were purchased 

from IMTECH, Chandigarh, India. PCL in the form of pellets with an average molecular 

weight (Mw) of 45,000 Da was purchased from Sigma-Aldrich.  

2.2.3 Preparation of Lipase: 

Lipase gene from the bacterial cultures procured was isolated and amplified using 

thermal cycler. A recombinant expression vector was constructed using plasmid 

pMALc5X and the amplified Lipase gene, after transformation was heterologously 

expressed in E.coli strain BL21 (DE3) pLysS for lipase expression (Bionova). Since the 

vector contains Maltose binding protein (MBP), the fusion of a target protein (lipase) to 

MBP permits its one-step purification using amylose resin [142].  

2.2.4 Determination of Lipase activity: 

The lipase assay was performed spectrophotometrically using p-nitrophenyl 

palmitate as substrate [143]. The p-nitro phenol was liberated from p-nitrophenyl 

palmitate by lipase mediated hydrolysis and the absorbance of liberated  p-nitro phenol 

was measured at 410 nm. One unit (U) of lipase was defined as the amount of enzyme 

that liberates one micromole of p-nitro phenol per minute under the assay conditions 

[144].   

2.2.5 Characterization: 

Thermogravimetric and differential thermal analyses of the samples were carried 

out on DTG-60, Shimadzu in order to understand the thermal degradation behavior and 

percentage crystallinity.  Thermogravimetric and differential thermal analyses of the 

samples were carried out on DTG-60, Shimadzu in order to understand the thermal 

degradation behaviour and percentage crystallinity. PCL films have a thermal 
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degradation point of 400 °C, Since the PCL films are degraded by enzyme, they will lose 

the thermal stability with the time of degradation, this thermal degradation temperature 

required falls down, which can be determine by heating the degraded PCL film during 

thermal analysis. The specimens were heated in nitrogen atmosphere from 35 °C to 600 

°C with a heating rate of 10 °C/min and a nitrogen flow rate of 20 mL/min. To follow the 

chemical changes in the PCL polymer, Fourier transform infrared (FT-IR) spectra of the 

biodegraded and non-degraded samples in KBr pellets were recorded in the frequency 

range of 400 to 4000 cm-1 using Shimadzu 8400S instrument. Lipase hydrolyse the 

polymer by simple breaking down the ester bond exposing alcohol and carboxylic acid 

groups, the FTIR analyses helps us to identify the exposed functional groups, the ftir 

confirmed the hydrolytic action of the enzymes on the ester bonds of the PCL films as 

we can see alcoholic and carboxylic functional groups in the plot. Surface morphology 

of the enzymatically degraded and non-degraded PCL films was studied using a scanning 

electron microscope (Hitachi S-3400N, Japan). SEM provides us reports of the enzyme 

action on the polymer, whether the polymer is being degraded in to down fashion or from 

interior after an initial top down degradation approach.  

2.3. Preparation of PCL film: 

The PCL films used for the enzymatic degradation were prepared by solvent 

casting method [145]. Briefly, a solution was made by dissolving the PCL pellets in 

chloroform (1% w/v), with stirring at 37 °C for 30 minutes at 600 rpm. This solution was 

then poured onto culture dishes and dried overnight in order to get PCL thin films. The 

casted films thus obtained were cut into dimensions of 10 mm x 10 mm strips and 

weighed before subjecting to enzymatic degradation. The weight and thickness of the cut 

films were found to be 3.5±0.5 mg and 0.1±.0.01 mm, respectively. 
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2.4. Lipase mediated PCL degradation: 

The enzymatic degradation was performed by adding 10 mL of different 

concentration of lipases from L. plantarum, L. brevis and their co-culture to the PCL 

samples. The enzymes were taken in 0.01 M Tris-HCl buffer of pH 8.1 and the 

degradation studies were carried out at a constant temperature of 37 °C. The 

concentrations of the different lipases were varied from 0.5 mg/mL to 10 mg/mL. At 

regular intervals, the PCL film strips were removed from the vial, washed with distilled 

water and then dried in a desiccator at room temperature for 24 hr. The weight of the 

films was determined before and after enzymatic degradation, and the weight loss was 

expressed in relative terms using the following formula.  

Relative weight loss %  =  Initial weight – Final weight    x 100 

                                                       Initial weight 

2.5 Results and Discussion: 

PCL films were incubated with each type of lipase in Tris-HCl buffer solution at 

different concentrations and their gravimetric analyses up to 10 days were carried out.  

 

Fig. 2.1 Relative weight loss comparison after 10 day treatment of PCL film with 

different concentrations of L. plantarum, L. brevis and co-cultured (CC) lipases. 
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Fig 2.1 compares the relative mass loss percentage of PCL films before and after 

10 days of enzymatic degradation. No significant mass loss of PCL film was found with 

different concentrations of L. brevis lipase. With 1 mg/mL loading of L. brevis lipase, 

there was only ~2 wt.% mass loss observed, which increased to a maximum of up to ~10 

wt.% when the loading was increased to 4-5 mg/mL. However, when the L. plantarum 

lipase was employed, the PCL film degradation efficiency was found to be substantially 

higher. Interestingly, in this case, the PCL mass loss with 1 mg/mL loading of the lipase 

was found to be ~10%, which increased up to ~60% with the lipase loading of 5 mg/mL, 

beyond which the percentage mass loss was gradually decreased. This reveals that the L. 

plantarum lipase effectively degraded a major portion of the PCL film at an optimal 

loading of 5 mg/mL. On the other hand, the co-culture of L. brevis and L. plantarum 

showed almost 10% PCL degradation up to a loading of 5 mg/mL. However, with an 

increased lipase loading of 10 mg/mL, the percentage mass loss significantly increased 

to ~50%. This shows that the co-cultured lipase has good efficiency at a higher 

concentration when compared to the L. plantarum lipase. Thus, the overall polymer 

degradation was found to be dependent on the concentration and type of the enzyme. 

These results clearly show that the L. plantarum lipase exhibited the maximum PCL 

degradation efficiency among the three used in this study.   

In order to further understand the enzyme action towards PCL degradation, we 

utilized thermogravimetric analysis (TGA) and differential thermal analysis (DTA) to 

study the thermal degradation behavior and crystallinity of the left-over PCL film after 

incubation with lipases. For this, the remained PCL films were removed at a time interval 

of 1, 5 and 10 days from each lipase culture, washed and dried well. These films were 

subjected to TGA and DTA analyses and the results are plotted in Fig 2.2 to 2.8. 
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Fig. 2.2. TGA plot of the PCL film treated with L. plantarum lipase over different 

time periods. 

Control experiments were also performed with pristine PCL films in order to 

compare their thermal behaviour after enzymatic degradation. It is expected that the onset 

of thermal degradation of the PCL films degraded by the enzymes would be lesser than 

the pristine films, as the degraded films would have been converted into lower molecular 

weight polymers. The onset of thermal degradation was measured at 5 wt% mass loss. 

The thermal stability of the pristine PCL film was found to be ~410 °C and the total mass 

loss was observed by 450 °C. The thermal degradation of the PCL films treated with each 

of the three different lipases for a period of 1 day was found to be identical to that of the 

pristine PCL film. This shows that there was no significant degradation occurred with all 

three enzymes in one day period. However, the PCL films that were subjected to 5 and 

10 days of enzymatic degradation showed lesser thermal stability than the control. In case 

of L. brevis, the PCL films incubated with 5 mg/mL of lipase after 5 and 10 days were 

shown a thermal stability of ~389 °C. This shows that the lipase from L. brevis was not 

effective towards PCL degradation. On the other hand, the PCL films incubated with 5 
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mg/mL of the lipase from L. plantarum showed a clear trend in the thermal stability after 

5 and 10 days of enzymatic degradation. In this case, the onset of PCL degradation after 

5 and 10 days was found to be 343 and ~235 °C, respectively.  

 

Fig. 2.3. TGA plot of the PCL film treated with L. brevis lipase over different time 

periods. 

 

Fig. 2.4. TGA plot of the PCL film treated with co-cultured lipase over different 

time periods 
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This greater drop in the onset degradation temperature clearly shows that the 

lipase from L. plantarum possesses high efficiency towards PCL degradation. In case of 

the co-cultured lipase, with a loading of 10 mg/mL, up to day 5, the PCL degradation 

was almost identical to the control. However, the 10 day incubated PCL film showed a 

faster thermal degradation with the onset of degradation at ~232 °C. Thus, the higher 

loading of co-cultured lipase was found to be effective after 10 days. These results are 

very much in line with the earlier gravimetric analyses and corroborate that the L. 

plantarum lipase was the best among the three towards PCL degradation.  

Since PCL is a semi crystalline polymer, DTA analysis can give insight to the 

regions that are degraded by the enzymes. The DTA results of the lipase degraded PCL 

films after 1, 5 and 10 days were compared with the pristine PCL film (Fig 2.6 To 2.8).  

Table 2: Variation in percentage crystallinity analyzed from the DTA data 

S.No Day Enzyme added Percentage 

crystallinity 

1 1 Lp 5mg/mL 60 

2 5 Lp 5mg/mL 69 

3 10 Lp 5mg/mL 93 

4 1 CC 10mg/mL 60 

5 5 CC 10mg/mL 77 

6 10 CC 10mg/mL 93 

7 1,5,10 Control 55 
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Fig. 2.5. DTA plot of the PCL film degraded by L. plantarum lipase over different 

time periods. 

Table 2 summarizes the percentage crystallinity of the control and enzyme 

degraded PCL films. It has been observed that the pristine PCL film showed a percentage 

crystallinity of ~55 %. Similar to the TGA observation, the PCL films incubated with the 

three different enzymes for 1 day showed a very similar crystalline behaviour to that of 

the control. This shows that there was no significant polymer degradation by any of the 

enzymes in a period of 1 day. With L. brevis, the PCL films incubated with 5 mg/mL of 

lipase after 5 and 10 days also did not show a significant change in the crystallinity, 

indicating the poor enzymatic degradation of the polymer. On the other hand, the 

percentage crystallinity of the 5 and 10 days enzyme degraded PCL films with L. 

plantarum and co-cultured lipases showed a clear trend of increasing crystallinity. The 

PCL film subjected to enzymatic degradation with L. plantarum possessed a crystallinity 

of ~93% after 10 days. These observations clearly indicate that the amorphous regions 

of the PCL films have been degraded more effectively than the crystalline regions, which 

is in line with the literature reports [132, 146, 147, 148, 149]. 
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Fig. 2.6. DTA plot of the PCL film degraded by L. brevis lipase over different time 

periods. 

 

Fig. 2.7. DTA plot of the PCL film degraded by co-cultured lipase over different 

time periods. 



31 

 

To further confirm the enzymatic action on the PCL film, IR analysis was carried 

out with the pristine PCL film, and the films incubated with L. plantarum and co-cultured 

lipases for 10 days and the spectra are plotted in Fig 2.8.  

 

Fig. 2.8. FT-IR spectra of control and PCL films treated with L. plantarum and co-

cultured (CC) lipases. 

The pristine PCL film showed a characteristic ester carbonyl stretch at 1734 cm-

1. In addition, the characteristic C-H asymmetric and symmetric stretching peaks were 

observed at 2927 and 2864 cm-1, respectively. After degradation by the enzymes, the 

carbonyl stretching peak was shifted to ~1725 cm-1, which is a characteristic band of 

carbonyl from carboxylic acid. In addition, a broad peak in the range of 3000-3600 cm-1 

was observed in the enzyme degraded PCL films, which is characteristic of hydroxyl 

groups of alcohol and carboxylic acid. These observations clearly indicate that the PCL 

films underwent chemical decomposition by the enzymatic action. The formation of 

carboxylic acid clearly indicated the hydrolysis of ester bonds, which is the principal 

mode of action of lipase class of enzymes.  
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Finally, the SEM visualization of the pristine PCL film and the film incubated 

with L. plantarum for 10 days was performed to understand the change in morphology 

of the polymer film (Fig 2.9).  

Fig. 2.9. SEM images of (a) control and (b) L. plantarum treated PCL film. 

As seen from the Fig, the pristine PCL film was found to possess a smooth crack-

free surface. On the contrary, the enzyme degraded film, under identical magnification 

to that of the control was found to contain several microscale cracks. This shows that a 

substantial amount of enzymatic polymer degradation has taken place. It appears to be 

that the PCL degradation has begun from the surface of the polymer film and progressed 

to the depth. In the process, the amorphous regions of the polymer were degraded at first 

that gave rise to increase in the percentage crystallinity of the polymer.  

2.6 Conclusions:  

The enzymatic degradation of the PCL film was performed by three different 

lipases obtained from Lactobacillus brevis, Lactobacillus plantarum and their co-culture. 

The enzymatic degradation was found to be significantly influenced by the concentration, 
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time of exposure and the type of the enzyme. Among the three enzymes screened in this 

study, the lipase from Lactobacillus plantarum was found to possess the maximum PCL 

degradation activity at a nominal loading of 5 mg/mL. Thermogravimetric analysis 

results showed that with increasing exposure time of enzyme, the thermal stability of the 

PCL films decreased due to the polymer degradation. The DTA analyses revealed that 

the enzyme preferentially degraded the amorphous regions at first, as evidenced by the 

increase in percentage crystallinity of the polymer. While the SEM analysis has shown 

the cracked polymer surface after enzymatic degradation, the FTIR analyses confirmed 

the hydrolytic action of the enzymes on the ester bonds of the PCL films. The study 

reveals the potential of genetically engineered probiotic Lactobacillus class of lipases 

towards polymer degradation with enhanced efficiency. 
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3.1 Introduction: 

 

Polymer biodegradation is of paramount interest for several applications including drug 

delivery, tissue engineering and biomedical sutures [150]. Conventionally, polymer 

degradation was carried out either through chemical or thermal treatment [151, 152].  

Chemical treatments often involve harsh conditions such as strong acids, bases or 

peroxides, which are not eco-friendly. Thermal degradation of polymers generally 

releases greenhouse gases and at times highly toxic gases such as dioxin [153]. On the 

other hand, biodegradation by microbial enzymes has emerged as an attractive alternate 

route for polymer degradation due to the mild conditions, and biocompatibility 

[154,155]. Due to its room temperature operation, enzymatic polymer degradation is also 

considered to be energy efficient [156].  

Enzymes from various sources such as fungi and bacteria have been shown to 

have a great potential towards polymer degradation. Several enzymes like amylases, 

proteases and lipases are employed for polymer degradation due to their hydrolytic action 

on the functional groups such as glycosidic, amide and ester, respectively [157,158]. 

Bacterial lipases are generally considered to be one of the important classes of enzymes 

that can easily be genetically modified and produced at mass level. Also, they are 

promising over fungal lipases owing to their alkaline nature, thermal stability and 

tolerance to organic solvents [159]. Among the various bacterial strains, lactic acid 

bacteria like Lactobacillus sp. are established as probiotics, avirulent and part of human 

mucosal surfaces [160].  

Since many of the preferred biodegradable polymers possess ester functionality, 

lipases are majorly used for such hydrolytic degradation [161]. Some of the preferred 

ester based bioresorbable polymers include poly(ε-caprolactone) (PCL), poly(glycolic 

acid), poly(L-lactic acid) and poly(lactide-co-glycolide) [162]. Among these polymers, 
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PCL has been identified as a promising candidate for various biomedical and 

environmental applications. In particular, PCL has been demonstrated for its enzymatic 

biodegradation towards controlled drug delivery and tissue engineering applications 

[163]. It is a soft semi crystalline polyester having melting point in the range of ~60 °C. 

It has advantages such as easy processibility at low temperatures (~80 °C) and safe 

elimination of water soluble byproducts post hydrolysis [164]. Therefore, in this study, 

lipase from Lactobacillus plantarum has been chosen to degrade PCL due to enzyme’s 

probiotic nature and high efficacy towards ester hydrolysis. 

Most of the enzymatic polymer degradation studies utilized the application of 

lipase over the surface of polyesters to result in a top-down fashion degradation [165]. In 

this approach, enzymes have to penetrate from the surface to the bulk of the polymer 

matrix in order to degrade it efficiently. This approach warrants frequent changing of 

enzyme containing buffer solution, yet providing only a low degradation rate [166]. On 

the other hand, a new embedded enzymatic polymer degradation was reported by Ganesh 

and Gross that utilized a fungal derived enzyme Candida antarctica Lipase B (CALB). 

They have demonstrated that embedding of enzyme into the polymer matrix helped in 

initiating the hydrolysis simultaneously in the surface as well as in bulk and thus resulting 

in rapid degradation [167]. In their further work, the polymer degradation using CALB 

embedded PCL films was optimized under shaking and flow conditions [168]. Despite 

the high potential of this approach, it is still in its infancy and no further studies were 

followed. In this current work, we have studied the embedded enzymatic degradation of 

PCL using lipase obtained from the probiotic source Lactobacillus plantarum. In 

addition, we have chosen static conditions without changing the enzyme containing 

buffer solution in order to get insights on the efficacy of the probiotic lipase on polymer 

degradation in the absence of any additional physical variables. The change in thermal 
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mass loss behavior, percentage crystallinity, and morphology have been studied as a 

function of enzymatic polymer degradation. 

3.2 Material and Methods 

3.2.1 Materials: 

3.2.2 Sources: L. plantarum (MTCC 4461) was purchased from IMTECH, Chandigarh, 

India. PCL pellets (average molecular weight of 45,000 Da), chloroform and tween 20 

were purchased from Sigma-Aldrich and used as received. Lipase was extracted from L. 

plantarum and purified using previously reported literature. [169] The change in the 

percentage crystallinity and thermal mass loss behavior of the samples were studied by 

differential thermal and thermogravimetric analyses using Shimadzu DTG-60. For this, 

the enzyme embedded PCL films were subjected to heating in nitrogen atmosphere from 

35 to 600 °C at a heating rate of 10 °C/min under a steady nitrogen flow rate of 

20 mL/min. X-ray diffraction (XRD) analyses over selected PCL films were performed 

using Rigaku Ultima IV with Cu Kα radiation (λ = 1.5418 A) at a scan rate of 0.3 °/min. 

The morphology and cross-sectional aspects of the enzyme degraded polymers at various 

intervals were studied using FEI Apreo field emission scanning electron microscopy (FE-

SEM). Gel permeation chromatography (GPC) for molecular weight analyses were 

performed using Waters GPC instrument equipped with 2414 RI detector. 

3.2.3 Preparation of Lipase: 

Lipase gene from the bacterial cultures procured was isolated and amplified using 

thermal cycler. A recombinant expression vector was constructed using plasmid 

pMALc5X and the amplified Lipase gene, after transformation was heterologously 

expressed in E.coli strain BL21 (DE3) pLysS for lipase expression (Bionova). Since the 

vector contains Maltose binding protein (MBP), the fusion of a target protein (lipase) to 

MBP permits its one-step purification using amylose resin [142].  
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3.2.4 Preparation of PCL film: 

The PCL films used for the embedded enzymatic degradation were prepared by 

solvent casting method [145]. Briefly, a solution was made by dissolving the PCL pellets 

in chloroform (1% w/v), with stirring at 37 °C for 30 minutes at 600 rpm. To this solution, 

lyophilized powder of enzyme 2, 4, 6 8 % (wt/wt) with respect to the PCL was added to 

and then poured onto culture dishes and dried overnight in order to get PCL thin films. 

The casted films thus obtained were cut into dimensions of 10 mm x 10 mm strips and 

weighed before subjecting to enzymatic action degradation. The weight and thickness of 

the cut films were found to be 3.5±0.5 mg and 0.1±.0.01 mm, respectively. 

3.2.5 Lipase mediated PCL degradation: 

The embedded enzymatic degradation was performed by adding 10 mL of 0.01 

M Tris-HCl buffer of pH 8.1 and the degradation studies were carried out at a constant 

temperature of 37 °C. The concentrations of the lipase loaded was varied from 2, 4, 6 8 

% (wt/wt)  with respect to the polymer film.  At regular intervals, the PCL film strips 

were removed from the vial, washed with distilled water and then dried in a desiccator at 

room temperature for 24 hr. The weight of the films was determined before and after 

enzymatic degradation, and the weight loss was expressed in relative terms using the 

following formula.  

Relative weight loss %  =   Initial weight – Final weight    x 100 

                                                       Initial weight 

3.2.6 Characterization: 

Thermogravimetric and differential thermal analyses (TGA & DTA) of the 

samples were carried out on DTG-60, Shimadzu in order to understand the thermal 

degradation behaviour and percentage crystallinity. The specimens were heated in 

nitrogen atmosphere from 35 °C to 600 °C with a heating rate of 10 °C/min and a nitrogen 

flow rate of 20 mL/min. To follow the chemical changes in the PCL polymer, Fourier 
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transform infrared (FT-IR) spectra of the biodegraded and non-degraded samples in KBr 

pellets were recorded in the frequency range of 400 to 4000 cm-1 using Shimadzu 8400S 

instrument. X-ray diffraction (XRD) analysis of the PCL films was performed with 

Rigaku Ultima IV with Cu Kα radiation (λ = 1.5418 A) at a scan rate of 0.3 °/min. Field 

emission scanning electron microscopy (FE-SEM) images of the PCL films were 

obtained using the FEI Apreo instrument. 

3.3 Results and Discussion: 

In order to understand the polymer degradation through this embedded approach, the 

experiments were performed under static conditions, as shaking could assist leaching of 

partially degraded polymer chains into the aqueous medium. In addition, no further 

enzyme has been supplemented during the entire process so as to realize the degradation 

effect solely from the initially loaded enzyme. Thus, we have employed very mild 

conditions that could mimic a polymer substrate in a static environment. 

First, to study the efficiency of the enzyme embedded approach towards polymer 

degradation, PCL films embedded with lipase of different percentages (2, 4, 6, and 8) 

were incubated in Tris-HCl buffer solution. TGA and DTA studies were performed on 

these samples in order to understand the thermal degradation behavior and crystallinity 

of the left-over PCL film after degradation. For this, the remained PCL films were 

removed at regular time intervals of 2, 4, 6, and 8 days from each incubated plate, rinsed 

and dried well. Control experiments were also performed with PCL films that were not 

subjected to enzymatic degradation, but embedded with the corresponding amounts of 

lipase. Figure 3.1 shows the TGA analyses of all the samples used in this study. It is 

expected that the onset mass loss of the PCL films degraded by the enzymes would be 

lesser than the control ones, as the enzyme degraded films would have been converted 

into lower molecular weight polymers.  It can be seen that the 2% control film yielded 
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~10% of mass loss (considered as onset) at 383 °C and 93% of mass loss at 480 °C. After 

the enzymatic degradation with 2 to 8% of lipase loading, the onset decomposition 

temperature was found to be in the range of 195 to 300 °C and the complete 

decomposition was observed by 395 to 460 °C with a residual mass of <2%. It is also 

evident from the graph that the thermal stability of the degraded film was less at any point 

of temperature, when compared to the control. Such a decrease in thermal stability is in 

line with the expected trend. With 4% lipase embedded films, the onset of the thermal 

mass loss in 2 to 6 days of enzyme degraded films was in the range of 300 to 330 °C, 

while the 8 days degraded film started to decompose from 257 °C onwards. With these 

samples also ~98% of the thermal decomposition was found to occur by 460 °C. Further 

increase in the enzyme loading as in 6 and 8% resulted in further decrease of the onset 

thermal mass loss of PCL much below 300 °C (~195-250 °C), while 98% of thermal 

decomposition was observed in ~400 °C. The substantial decrement in the thermal 

stability of the lipase embedded PCL films clearly indicate the efficient enzymatic 

polymer degradation at 6-8% of enzyme loading. 
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Figure 3.1. TGA mass loss analyses of 2, 4, 6, and 8% lipase embedded PCL films 

before (control) and after enzymatic polymer degradation. 

The semicrystalline nature of PCL allows one to probe the change in crystallinity 

as a function of polymer degradation. DTA analyses on all the PCL samples used in this 

study were performed before and after enzymatic degradation (Figure 3.2). The 2 to 8% 

of lipase embedded PCL films possessed melting points in the range of 50 to 65 °C. In 

all the samples, the melting point was found to be increased to the tune of 5 to 10 °C after 

the enzymatic degradation due to the increase in crystallinity. Table 3 summarizes the 

variation in percentage crystallinity of the enzyme degraded PCL films as a function of 

time and compared against the corresponding controls. It can be noted that the pristine 

PCL film without any embedded enzyme was reported to possess a percentage 

crystallinity of ~55 % [169]. The enthalpy of fusion for the 100% crystalline PCL is 

known to be 139.5 J/g, using which the percentage crystallinity of our samples were 
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calculated from the enthalpy of fusion values obtained from DTA analyses [148]. The 

percentage crystallinity of 2 to 8% lipase embedded PCL films was found to be in the 

range of 30 to 39%. Thus, the embedding of enzymes in the PCL matrix caused a 

significant degree of amorphization that could be due to the incorporation of enzymes 

into the polymer matrix and thereby disrupting the crystalline regions. The amorphization 

was more pronounced with the 2% lipase embedded PCL film. After 2 days of enzymatic 

degradation, the percentage crystallinity of the residual PCL films was found to be 

significantly increased to the range of 55 to 75%. This substantial increase in the 

percentage crystallinity indicates the efficient enzymatic degradation of amorphous 

regions in the PCL matrix even by 2 days. It is known that the enzymatic degradation of 

semicrystalline polymers mainly occur at amorphous regions [149,150]. With further 

incubation of the PCL films for a longer duration up to 8 days resulted in gradual increase 

in the percentage crystallinity. By 8 days of degradation, the percentage crystallinity with 

varying enzyme loaded PCL films was found to increase to the range of 70 to 95%. These 

observations clearly indicate that the amorphous regions of the PCL films have been 

degraded more effectively than the crystalline regions and the 8% lipase embedded PCL 

film subjected to 8 days of enzymatic degradation was found to be the most efficient. 

Table 3. Variation in percentage crystallinity obtained from DTA measurements 

with varying enzyme loading against number of incubation days. 

Enzyme 

loading 

2% 4% 6%      8% 

Day Percentage Crystallinity 

Control 33 37 38 39 

2 70 73 79 80 

4 75 78 81 83 

6 82 86 88 89 

8 93 95 97 98 
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Figure 3.2. DTA percentage crystallinity analyses of 2, 4, 6, and 8% lipase embedded 

PCL films before (control) and after enzymatic polymer degradation. 

In order to further ascertain the enzymatic degradation of the amorphous PCL 

regions, we have performed XRD analyses of the 8% lipase embedded polymer film 

before and after subjecting to 8 days of degradation (Figure 3.3). As seen from the figure, 

the pristine PCL film exhibited peaks corresponding to (110), and (200) planes at 21.6 

and 23.8° 2θ values, respectively. [171] In addition, a small shoulder at 22.2° 2θ 

corresponding to (111) plane was observed, proving the characteristic semicrystalline 

nature of PCL. The crystallite size of the (110), and (200) peaks calculated using 

Scherrer’s formula was 23.2, and 11.7 nm, respectively. The 8% enzyme loaded PCL 

control film, on the other hand, exhibited a gentle decrease in the crystallinity with a 

crystallite size of 16.8, and 10.8 nm for the (110), and (200) peaks, respectively. The 
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decrease in the percentage crystallinity with enzyme loading was corroborating the 

amorphization of the PCL matrix with the embedding of lipase, as indicated by DTA 

analyses. However, after 8 days of degradation, the percentage crystallinity was found to 

be substantially increased. The crystallite sizes corresponding to the respective (110), 

and (200) peaks in this case were found to be 26.5, and 22.8 nm. These results 

additionally corroborate the mechanism that the amorphous regions of the polymer films 

were degraded by the lipase and thereby increasing the percentage crystallinity of the 

remaining PCL films. 
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Figure 3.3. XRD patterns of pristine PCL film, 8% lipase embedded PCL film 

(control), and 8% lipase embedded PCL film after 8 days of incubation. 

Enzyme release kinetics of the lipase embedded PCL films were studied in order 

to quantify the amount of enzyme leached from the polymer matrix to the buffer solution 

(Figure 3.4a). Simultaneously, percentage mass loss of the lipase embedded PCL films 

was studied to follow the polymer degradation (Figure 3.4b). For this, PCL films 

embedded with 2 to 8% of the L. plantarum lipase were incubated for different time 

periods of 2 to 8 days in the Tris-HCl buffer. The supernatant solution was collected and 

analyzed for the amount of enzyme leached. It was observed that 50-65 % of the 
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embedded lipase leached out of the PCL matrix in 2 days. With further incubation as in 

4 days, additional 2-5% of lipase leaching to the buffer solution was observed. Similar 

magnitude of enzyme release from the PCL matrix was observed on days 6 and 8 as well. 

Thus, a significant portion of the embedded enzyme was released to the buffer solution 

over a course of time. It is presumed that the enzyme leaching from the PCL matrix was 

assisted by the rapid polymer degradation within 2 days. The percentage mass loss studies 

of enzyme embedded PCL films revealed a clear trend of increasing polymer degradation 

with the progress of time as well as with higher loading of lipase. The lowest mass loss 

of 11% was observed with 2% of lipase embedded PCL film in 2 days. During the same 

period of time the observed mass losses with 4, 6, and 8% of lipase embedded PCL films 

were 27, 32, and 35%, respectively. This shows that a significant portion of the polymer 

matrix got degraded within 2 days, which could also have assisted in leaching of the 

embedded lipase. Among all the enzyme loadings, 2 to 6% yielded a steady increase in 

the percentage degradation. Between 6 and 8% loadings, the latter showed only a 

marginal increment in the percentage mass loss. The percentage mass loss after 8 days 

was observed to be 71 and 73% with 6 and 8% of lipase loadings, respectively. 

Correlating with the DTA studies, it is obvious that the enzymes efficiently hydrolyzed 

the amorphous regions of the PCL film. These results show the high efficacy of the L. 

plantarum lipase in degrading the PCL films, when embedded in the matrix. 
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Figure 3.4. (a) Lipase release kinetics, and (b) polymer mass loss analyses of 2, 4, 6, 

and 8% lipase embedded PCL films after 2, 4, 6, and 8 days of incubation.  

FE-SEM images on the lipase embedded PCL films were obtained with different 

quantities (2 to 8 wt.%) of lipase loaded samples against the degradation time to follow 

the surface and cross-sectional morphological changes. Figure 3.5 presents the FE-SEM 

images of lipase embedded control samples before subjecting to enzymatic degradation. 

It can be seen from the images that the non-degraded samples possessed a relatively 

smooth surface morphology as well as cross-section. The cross-sectional views also 

revealed the average thickness of the films in the range of ~100-120 µm. After 2 days of 

polymer degradation, the FE-SEM imaging on 2 and 4 wt% lipase loaded PCL films 

revealed a little amount of degradation on the surface and cross-sectional morphology 

(Figure 3.6). However, the 6 and 8 wt% lipase loaded PCL films possessed relatively a 
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greater amount of polymer degradation that was evidenced by the cracks on the surface 

and cross-sectional views. After 4 days, the polymer degradation was more evident with 

all the lipase loadings (Figure 3.7). In this case, the surface of the polymer films was 

found to have macropores that were in the range of ~2-3 µm. The cross-sectional imaging 

revealed a greater degree of polymer degradation in 4 days. Macropores, whose 

dimensions are in several 10s of µm were also observed. A similar surface and cross-

sectional morphologies were observed in polymer samples that were subjected to 6 days 

of degradation as well (Figure 3.8). In our earlier work, we employed pouring strategy 

of enzymes on the polymer surface that did not result in formation of any pores in the 

bulk of the PCL film [169]. It is obvious that such a strategy results in slower polymer 

degradation, as the enzymes have to penetrate from top to bottom in a two-dimensional 

fashion. Such a top to bottom fashion of degradation was employed for enzymatic 

lithography to fabricate micron to sub-micron scale patterns in PCL. Using micro-contact 

printing and polymer pen lithography techniques, enzymes have been applied over 

selective regions on the PCL film surface, which resulted in enzymatic hydrolysis to 

create patterns in a top-down fashion [165,166]. On the other hand, in the embedded 

approach, the enzymes present in the bulk of the polymer film start to degrade the matrix 

in a three-dimensional fashion, resulting in micron-scale pores. This was evidenced by 

the enzyme leaching studies, which indicate that the lipase can freely approach the 

surface and the bulk of the polymer, thereby, leading to faster degradation. The PCL 

samples subjected to 8 days of degradation were found to be highly brittle and therefore 

could not be obtained as free-standing films for the FE-SEM observation. Hence, the 

obtained crumbled pieces were used for morphological analyses (Figure 3.9). In this case 

also, the surface of the remaining crystalline powders possessed micron-scale pores. In 

all the cases, the 6 and 8 wt% lipase loaded samples exhibited relatively higher degree of 
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degradation than the lower enzyme loadings. All these results corroborated the TGA and 

DTA analyses. The degradation of the PCL films into crumbled pieces by 8 days of 

incubation clearly indicated the high efficacy of the lipase embedded degradation 

approach.  

 

 

Figure 3.5. FE-SEM images of the (a-c) 2%, (d-f) 4%, (g-i) 6%, and (j-l) 8% of lipase 

embedded PCL films before subjecting to enzymatic degradation. Top row ((a), (d), 

(g), and (j)), middle row ((b), (e), (h), and (k)), and bottom row ((c), (f), (i), and (l)) 

images correspond to the respective low, high magnifications of the surface, and 

cross-section of the PCL film sections. 
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Figure 3.6. FE-SEM images of the (a-c) 2%, (d-f) 4%, (g-i) 6%, and (j-l) 8% of lipase 

embedded PCL films after subjecting to 2 days of enzymatic degradation. Top row 

((a), (d), (g), and (j)), middle row ((b), (e), (h), and (k)), and bottom row ((c), (f), (i), 

and (l)) images correspond to the respective low, high magnifications of the surface, 

and cross-section of the PCL film sections. 

 

 

Figure 3.7. FE-SEM images of the (a-c) 2%, (d-f) 4%, (g-i) 6%, and (j-l) 8% of lipase 

embedded PCL films after subjecting to 4 days of enzymatic degradation. Top row 
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((a), (d), (g), and (j)), middle row ((b), (e), (h), and (k)), and bottom row ((c), (f), (i), 

and (l)) images correspond to the respective low, high magnifications of the surface, 

and cross-section of the PCL film sections. 

 

 

Figure 3.8. FE-SEM images of the (a-c) 2%, (d-f) 4%, (g-i) 6%, and (j-l) 8% of lipase 

embedded PCL films after subjecting to 6 days of enzymatic degradation. Top row 

((a), (d), (g), and (j)), middle row ((b), (e), (h), and (k)), and bottom row ((c), (f), (i), 

and (l)) images correspond to the respective low, high magnifications of the surface, 

and cross-section of the PCL film sections. 
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Figure 3.9. FE-SEM images of the (a-c) 2%, (d-f) 4%, (g-i) 6%, and (j-l) 8% of lipase 

embedded PCL films after subjecting to 8 days of enzymatic degradation. Top row 

((a), (d), (g), and (j)), middle row ((b), (e), (h), and (k)), and bottom row ((c), (f), (i), 

and (l)) images correspond to the respective ultra-low, low, and high magnifications 

of the PCL film surfaces. 

Gel permeation chromatography (GPC) analyses were carried out with 8% lipase 

embedded PCL samples to understand the change in molecular weight as a function of 

polymer degradation. Table 4 lists the number average molecular weight (Mn), weight 

average molecular weight (Mw) and polydispersity index (PDI) of the lipase embedded 

PCL films before and after subjecting to varying times of incubation. It can be seen from 

the table that the control sample exhibited Mn and Mw values of 36500 and 53030, 

respectively. With the left-over PCL films after enzymatic degradation, the Mn and Mw 

values were found to be significantly lower than the control, indicating efficient 

degradation of the polymer films.  
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Table 4. GPC analyses of 8% lipase embedded PCL films before (control) and after 

2 to 8 days of enzymatic degradation. 

Sample Number average 

molecular weight (Mn) 

Weight average 

molecular weight (Mw) 

Polydispersity Index 

(PDI) 

Control 36500 53030 1.5 

2 days 21200 35060 1.7 

4 days 25210 36890 1.5 

6 days 10250 28030 2.7 

8 days 17260 27600 1.6 

 

CONCLUSIONS 

PCL films embedded with 2 to 8 wt% of lipase derived from a probiotic source 

Lactobacillus plantarum were studied for their enzymatic degradation. TGA analyses 

showed a substantial decrease (~100 °C) in the onset thermal decomposition temperature, 

when compared between the lipase embedded PCL film before and after subjecting to 8 

days of incubation. With increase in lipase content from 2 to 8%, the thermal 

decomposition temperature for complete mass loss was found to decrease from 460 to 

395 °C. It was found from the DTA analyses that the lipase embedded control PCL films 

exhibited percentage crystallinity in the range of 30 to 39%. Among the different loading 

of lipase, 8% exhibited the highest enzymatic activity on the amorphous regions of the 

PCL films that resulted in increasing the crystallinity from 39% to 75% by 2 days and to 

95% by 8 days. XRD analyses on 8% lipase embedded PCL film confirmed that the 

crystallite sizes of the respective (110), and (200) peaks calculated using Scherrer’s 

formula were increased by ~1.5 to 2.1 times after enzymatic polymer degradation. The 
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enzyme release kinetics revealed leaching of ~50-65% of the embedded lipase into the 

buffer solution by 2 days. Such a leaching was found to be beneficial in generating 

micron-scale pores in the bulk of the polymer film, which provided greater accessibility 

to the enzymes to freely approach the surface as well as the bulk of the PCL film. The 

gravimetric analyses revealed that the lowest mass loss of 11% was exhibited by 2% 

lipase embedded polymer film after 2 days and the highest mass loss of 73% was 

observed with 8% of lipase loading after 8 days of incubation. FE-SEM studies revealed 

three-dimensional fashion of polymer degradation through the surface and cross-

sectional morphological imaging. The micron-scale pores were clearly visible in case of 

4 and 6 days of incubated samples, while the PCL films incubated for 8 days were found 

to be crumbled that indicated efficient polymer degradation through this enzyme 

embedded approach. GPC analyses further corroborated the efficient enzymatic polymer 

degradation through the substantial decrease in the number average molecular weight of 

the 8% lipase embedded control PCL film from 36500 to 17260 post degradation. It is 

noteworthy that the present work reports the enzymatic polymer degradation under static 

conditions, wherein no further lipase was added apart from the initial loading. Thus, the 

polymer degradation rates reported in this work can substantially be improved by 

employing shaking conditions and replenishing with additional enzymes periodically. 

Furthermore, the enzyme embedded polymer degradation approach shows potential to be 

extended for polymers containing ester functionality using lipases from various microbial 

sources. 
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Chapter 4 

Towards Single Crystalline, Highly 

Monodisperse and Catalytically Active 

Gold Nanoparticles Capped with probiotic 

Lactobacillus sps. Derived Lipase 
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4.1 Introduction: 

The integration or attachment of biological macromolecules with non-biological 

nanomaterials in functional devices helps in understanding the interface between the two 

on a molecular scale [172]. This attachment is of great practical relevance to biosensors, 

tissue engineering, drug and gene delivery. Among the several metal nanomaterials, 

silver and gold nanoparticles are one of the most commercialized candidates because of 

their unique optical, electrical, and photo-thermal properties. Metallic nanoparticles can 

be induced to aggregate into a solid at relatively lower temperatures, leading to improved 

and easy-to-create coatings for electronics applications [172,173]. Typically, 

nanoparticles possess a wavelength below the critical wavelength of light which renders 

them transparent and makes them very useful in cosmetics, coatings, and packaging. 

They can also be attached to single strands of DNA, which opens up avenues for 

theranostics applications [173]. Therefore, development of methods for the synthesis of 

stable metal nanoparticles has been an important area of research. Broadly, these 

nanoparticles can be synthesized by physical, chemical and biological means [174]. 

Generally, the chemical methods include contamination from precursor chemicals, use 

of toxic solvents and generation of hazardous by-products [175]. Hence, there is an 

increasing demand to develop high-yield, cheaper, nontoxic, and eco-friendly protocols 

for the synthesis of stable metallic nanoparticles. Therefore, a vast array of biological 

resources available in nature including plants and plant extracts, algae, fungi, yeast, 

bacteria, and viruses could all be employed for the synthesis of nanoparticles. The 

proteins/enzymes, amino acids, carbohydrates, phytochemicals present in the biomaterial 

are believed to be responsible for the reduction of metal ions into the nano form [176]. 

This has led scientists all over the world to further explore the biological green-synthesis 

routes, which can produce water-soluble, protein-capped, bio-compatible nanoparticles 
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with control over particle size by preventing agglomeration and at the same time posing 

no hazard to the ecosphere [177].  

Protein-capped gold nanoparticles (GNPs) are particularly desirable due to their 

applications in sensors, catalysis, cardiac tissue engineering and drug delivery [178-183] 

This could be attributed to the enhanced biocompatibility, water solubility and 

amphoteric properties of proteins that offer flexibility in bringing the desired 

functionality [184-190]. In addition, their zwitter ionic property facilitates recovery of 

the protein-capped nanoparticles through anchoring over various supports, which is 

important from the perspective of sustainability and toxicity [191]. It is known that the 

size of the nanoparticles is greatly dependent on the nature of the capping agent. The 

conventional citrate-stabilized GNPs through Turkevich method range from 9-120 nm in 

size [192]. A few literature reports indicate that proteins can act as efficient capping 

agents in the synthesis and stabilization of highly monodisperse sub-10 nm GNPs [193, 

194]. 

In this study, we chose the lipase isolated from non-pathogenic Lactobacillus 

plantarum bacteria for conjugating and stabilizing GNPs. Unlike commonly used 

stabilizers, lipases remain highly resistant over a wide range of pH alterations and to 

various chemical treatments [184, 195]. Furthermore, as opposed to fungal derived 

lipases, the probiotic lipases are considered to be eco-friendlier as they are part of the 

human mucosal microflora. Here, we show the synthesis of highly monodisperse lipase-

capped GNPs of average size <5 nm and their catalytic reduction of 4-nitrophenol (4-

NP) to 4-aminophenol (4-AP). In addition, we demonstrate the facile recovery of the 

GNPs through anchoring over magnetite nanoparticles, which show the efficient 

reusability of the GNPs without releasing into the environment.  
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4.2 Experimental 

Lipase from Lactobacillus plantarum (MTCC 4461) was isolated as per our 

previous reports [170, 196, 197]. Hydrogen tetrachloroaurate (III) hydrate (HAuCl4), 4-

Nitrophenol (4-NP), Sodiumborohydride (NaBH4), glutaraldehyde, 3-

aminopropyltriethoxysilane (APTES) were purchased from Sigma Aldrich.  

 In a typical GNPs synthesis, 1 mL of 1 mM HAuCl4 solution was added to a 500 

µL protein solution of different concentrations (0.5, 1, 2, 6, and 10 mg/mL) in Tris-HCl 

buffer. To this mixture, 300 µL of 25 mM NaBH4 solution was added, which resulted in 

rapid reduction of AuCl4¯ to yield lipase-capped GNPs. The synthesized lipase-capped 

GNPs were characterized using UV-visible spectrophotometer (Shimadzu UV-3600 

plus), Fourier Transform infrared (FT-IR) spectroscopy (Shimadzu 8400S) and dynamic 

light scattering (DLS) (Zetasizer Nano-ZS, Malvern) techniques. The morphological 

characteristics were analysed using high-resolution transmission electron microscopy 

(HR-TEM, FEI, Tecnai G2, F30). 

 The synthesis of magnetite nanoparticles through co-precipitation method and 

their subsequent amine-functionalization were performed by the following the literature 

procedure [198]. Briefly, 25 mg of pristine magnetite (Fe3O4) was added to a 95/5 vol% 

of ethanol/water mixture containing 5% of APTES and the resulting solution was 

incubated with gentle shaking at room temperature for 2 h. After this time, the Fe3O4 

nanoparticles were magnetically recovered and sequentially washed three times with 

ethanol and finally one time with deionized water. Thus obtained amine-functionalized 

Fe3O4 nanoparticles were treated with 5 mL of 2.5% glutaraldehyde in PBS buffer for 

2.5 h at room temperature, followed by washing with PBS buffer. To this, 1.5 mL of 

lipase-capped GNPs solution was poured and the mixture was incubated for 6 h in order 

to anchor the GNPs onto Fe3O4 via aldehyde-amine coupling [199, 200]. 
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 To carry out the reduction of 4-NP, 250 µL solution of lipase-capped GNPs was 

added to an aqueous mixture containing 1 mL of 40 ppm 4-NP and 1 mL of 0.5 M 

NaBH4[201].  The progress of the reduction was monitored by UV-vis spectroscopy at 

different time intervals. For recyclability studies, the GNPs-anchored Fe3O4 

nanoparticles were recovered magnetically and re-suspended in Phosphate buffer saline 

(PBS). The recycled GNPs-anchored Fe3O4 nanoparticles were studied for their catalytic 

activity till five cycles. 

4.3 Results and Discussion 

The schematic representation of synthesis of lipase capped GNPs, and their 

applicability towards catalytic and magnetic recoverability is shown in Figure 4.1.  

 

 

Figure 4.1. Pictorial representation of the synthesis of GNPs and their anchoring 

over amine-functionalized Fe3O4 nanoparticles for magnetic recoverability 
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The work mainly aims at the effect of variation in lipase quantity in the controlled 

synthesis and catalytic properties of GNPs. Therefore, in study this, we have chosen the 

working protein solution with varying concentrations of 0.5 to 10 mg/mL, while keeping 

the concentration of the gold precursor and the reducing agent constant. The UV-visible 

spectra of the synthesized GNPs capped with various amounts of lipase are shown in 

Figure 4.2.  
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Figure 4.2. UV-Vis absorption spectra of GNPs capped with varying amount of 

lipase.  

 

As seen from the figure, the GNPs stabilized with 0.5 mg/mL of lipase showed a 

characteristic plasmonic absorption peak at 518 nm. With the increase in concentration 

of the lipase, a gentle shift in the plasmonic peak from 518 to 531 nm associated with a 

broadening of the plasmonic peak was observed. It is known that the surface plasmons 

are sensitive to the environment and thus the characteristic peak has weakened and 

broadened with increasing quantity of lipase as capping agent. This behaviour is 

consistent with the literature and clearly indicates the efficient capping of GNPs with 
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lipase [190, 202]. The capping of lipase onto GNPs was further monitored by FT-IR 

analysis of pristine (uncapped) GNPs, pristine lipase and the GNPs stabilized with 10 

mg/mL of lipase (Figure 4.3).  

 

Figure 4.3: FT-IR spectra of pristine (uncapped) GNPs, pristine lipase and lipase-

capped GNPs. 

The pristine GNPs synthesized through the NaBH4 reduction method in the 

absence of the lipase capping agent showed a broad stretching peak at 3461 cm-1 in the 

hydroxyl region and a peak at 1637 cm-1, which could be due to the by-products of 

NaBH4such as metaborate adsorbed onto the GNPs. On the other hand, the pristine lipase 

exhibited the characteristic amide carbonyl stretching peak at 1661 cm-1 along with a 

broad band in the range of 3100-3600 cm-1 corresponding to the hydroxyl and amine 

functional groups of protein. In addition, the aliphatic C-H stretching frequencies at 2957 

and 2871 cm-1 along with several stretching peaks in the finger print region were 
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observed. In case of 10 mg/mL lipase-capped GNPs, the FT-IR spectrum was found to 

have good resemblance to that of pristine lipase, which confirmed the successful 

conjugation of lipase over the nanoparticles. A little variation in the IR stretching 

frequencies in the finger print region of lipase-capped GNPs could be due to the possible 

denaturation and re-orientation of the protein over the surface of GNPs. 

DLS measurements were executed to study the hydrodynamic diameter of the 

GNPs as a function of lipase capping quantity and the results are plotted in Figure 4.4. 

The results revealed that the average particle size of the GNPs in all cases were in the 

range of 5 to 10 nm. However, with 0.5 and 1 mg/mL of lipase capping, the polydispersity 

of the synthesized GNPs was found to be higher than the 2-10 mg/mL of lipase capped 

GNPs.  

These results clearly indicate that the GNPs are efficiently capped with lipase, 

which is more pronounced with higher loading of lipase.    
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Figure 4.4: Size measurement of pristine lipase and GNPs with varying amount of 

lipase-capping. 

 

The zeta potential (Figure 4.5) of the lipase capped GNPs was found to be in the 

range of ~ -12 to -14 mV at neutral pH. The pristine protein’s zeta potential also lies in 

the same range due to the overall net negative charge. This close match in the zeta 

potential values confirm the capping of GNPs with lipase.  
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Figure 4.5: Zeta potential measurement over pristine lipase and lipase-capped 

GNPs as a function of pH. 

 The values also reveal that in addition to the steric repulsion, the GNPs capped 

with lipase might impart electrostatic repulsion as well, contributing to better solubility 

and high stability. The zeta potential of pristine Fe3O4, APTES-functionalized Fe3O4 and 

Fe3O4-GNP nanocomposite was measured as a function of pH and the results are 

presented in Figure 4.6. As seen in the figure, the pristine Fe3O4 exhibited zeta potential 

values of ~50 mV and ~ -30 mV at acidic and alkaline conditions, respectively. After 

surface functionalization, the zeta potential at acidic condition was found to be even 

higher (>60 mV) at pH 2, indicating the successful anchoring of amine groups that can 

be easily protonated at acidic pH and thus contributing to the higher value. After 

capturing lipase-capped GNPs, the zeta potential of Fe3O4-GNP nanocomposite at acidic 

pH was found to further decrease to ~ 25 mV. These changes additionally indicate the 

successful anchoring of lipase-capped GNPs over Fe3O4. 
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Figure 4.6: Zeta potential measurements over pristine Fe3O4, APTES-

functionalized Fe3O4 and GNPs anchored over Fe3O4 as a function of pH. 

 

HR-TEM studies were performed in order to understand the particle size and 

morphology of the lipase capped GNPs (Figure 4.7(a-e)). The synthesized GNPs with 

varying amounts of lipase were observed to be nearly spherical, whose size varied in the 

range of 2 to 8 nm with an average size of <5 nm. Interestingly, the selected area electron 

diffraction (SAED) studies shown in Figure 4.8 revealed that the GNPs that are capped 

with 0.5 mg/mL of lipase were highly polycrystalline in nature, as indicated by the diffuse 

rings. When the lipase amount was increased to 1 mg/mL, the SAED patterns were found 

to be modestly less polycrystalline. With further increase of lipase content as in 2-10 

mg/mL, the SAED patterns showed distinct spots rather than a continuous ring, which 

indicate that the GNPs capped with higher loading of proteins were much less 

polycrystalline in nature and thus close to well-ordered single crystalline nanoparticles. 

This could be attributed to the efficient capping of lipase at higher loadings that restricted 

the growth of single crystalline GNPs into polycrystalline ones [198, 199, 200]. 
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One of the major challenges in the lyophilic nanoparticles system is the recovery, 

as they are highly soluble and difficult to be filtered. Surface immobilization strategy has 

been identified to be a promising approach to effectively anchor the nanoparticles on a 

surface or support and thereby extracting from the solution. Furthermore, such a strategy 

is highly useful for several biological applications. A brief anchoring study of lipase 

capped GNPs over magnetite nanoparticles was performed that would allow facile 

magnetic recoverability of GNPs. The HR-TEM (Figure 4.7f) of the sample revealed the 

successful anchoring of GNPs over the magnetite nanoparticles, as marked by the distinct 

Fe3O4 and GNP domains.  

 

Figure 4.7: Composite HR-TEM images of (a) 0.5 mg/mL, (b) 1 mg/mL, (c) 2 

mg/mL, (d) 6 mg/mL and (e) 10 mg/mL lipase-capped GNPs. Inset shows the 

particle size distribution. HR-TEM image of GNPs anchored over Fe3O4 

nanoparticles is given in (f). The dotted circle shows the Moiré patterns arising from 

Fe3O4 support.  
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The merged SAED patterns also confirmed (Figure 4.8) the presence of both Fe3O4 and 

GNPs in the composite. 

 

 
Figure 4.8 SAED patterns of (a) 0.5 mg/mL, (b) 1 mg/mL, (c) 2 mg/mL, (d) 6 mg/mL 

and (e) 10 mg/mL lipase-capped GNPs. Merged SAED image of 1 mg/mL lipase-

capped GNPs and the same anchored onto Fe3O4 nanoparticles for comparison (f). 

The catalytic conversion of 4-NP to 4-AP has been considered to be a benchmark 

reaction to study the efficacy of the GNPs. This conversion is deemed to be industrially 

important, as the former is an environmental pollutant, while the latter is the precursor 

for an important drug, paracetamol. Therefore, the catalytic reduction of 4-NP to 4-AP 

was performed using the GNPs capped with varying amount of lipase to probe their 

surface catalytic properties (Figure 4.9) [201, 202].  
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Figure 4.9: Catalytic reduction of 4-NP over GNPs capped with varying amount of 

lipase 

A higher catalytic efficacy would therefore indicate higher availability of the 

catalytically active sites. With the reaction progress, the absorbance of the peak at 400 

nm was decreasing, while a subsequent peak corresponding to 4-AP was appearing at 

290 nm [201, 202, 203]. Though, all the GNPs used in this study exhibited high catalytic 

activity, the GNPs capped with 0.5 mg/mL of lipase was found to be the most active one 

that accomplished the reaction in less than one min. This could be attributed to the higher 

availability of the catalytically active sites due to the lesser amount of lipase capping.  

Clearly, the catalytic efficiency of the GNPs capped with 6 and 10 mg/mL is poorer 

compared to 0.5 mg/mL, which could be due to the efficient capping of lipase that 

decreases the available GNPs’ surface for the catalysis. The turnover frequency (TOF) 

was also calculated for the catalytic reactions using lipase-capped GNPs and the results 

are shown in Figure 4.10.  



68 

 

0 60 120 180

0.00

0.02

0.04

0.06

0.08

0.10

0.12

0.14

0.16

 

 

T
O

F
 (

s
e
c

-1
)

Time (sec)

 0.5 mg/mL

 1 mg/mL

 2 mg/mL

 6 mg/mL

 10 mg/mL

 GNPs (citrate capped)

 
Figure 4.10: Turn over frequency of GNPs for the catalysis 

 

The TOF is the number of completed catalytic cycles per atom of the catalyst, 

calculated as a function of time [201, 203]. The TOF of all the lipase-capped GNPs is 

found to be maximum at 10 s and the highest TOF is observed with 0.5 mg/mL of lipase 

capping. A control experiment with citrate capped GNPs synthesized by the Turkevich 

method exhibited slightly lesser TOF than 1 mg/mL lipase-capped GNPs, indicating the 

high catalytic efficacy of GNPs capped with less amount of lipase. To gain additional 

insight to the catalysis, the reaction parameters were fitted with different kinetic profiles 

and were found to fit well with pseudo-first order kinetics (Figure 4.11).  
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Figure 4.11: Pseudo-first order kinetics of catalytic reduction of 4-NP over GNPs 

capped with varying amount of lipase to Fe3O4 nanoparticles. 

 

Table 5. Rate constants for 4-NP to 4-AP conversion using GNPs capped with 

varying amount of lipase. 

Sample Rate constant  

(sec
-1

) 

% Standard 

Error (+/-) 
R

2

 

0.5 mg/mL 0.0967 0.0078 0.938 

1.0 mg/mL 0.0632 0.0031 0.964 

2.0 mg/mL 0.0359 0.00007 0.990 

6.0 mg/mL 0.00303 0.00006 0.988 

10.0 mg/mL 0.00125 0.00001 0.996 

Au NPs 

(Citrate 

capped) 

0.0565 0.0014 0.990 

 

Table 5 lists the rate constant calculated for GNPs capped with different amounts of 

lipase. The calculated rate constant was the highest (0.0967 s-1) with 0.5 mg/mL lipase-

capped GNPs, while the lowest rate constant (0.00125 s-1) was obtained with 10 mg/mL 

lipase-capped GNPs. The recyclability of the lipase capped GNPs was demonstrated by 

anchoring them over Fe3O4. The 0.5 mg/mL lipase capped GNPs anchored over Fe3O4 
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were studied for their recyclability towards 4-NP reduction and the results are presented 

in Figure 4.12. 
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Figure 4.12: Catalytic reduction of 4-NP over GNPs capped with varying amount 

of lipase to Fe3O4 nanoparticles. 

 

 As evidenced from the figure, the catalytic efficiency was retained till five 

cycles. However, there was a modest decrease in the reaction rate, which could be due to 

the aggregation of magnetite over the recycling steps. Nevertheless, the study has shown 

the potential of recovering and reusing the lipase-capped GNPs in a facile manner.  

4.4 Conclusion:  

GNPs capped with varying amounts of lipase as stabilizing agent have been 

successfully synthesized, as confirmed by UV-visible and IR spectroscopy studies. 

Significantly, the tight size control and near-monodispersity of the lipase-capped GNPs 

have been revealed by HR-TEM and DLS analyses. In particular, with 0.5 and 1 mg/mL 

of lipase, the synthesized GNPs exhibited modest polycrystallinity, whereas with higher 

amount of lipase as in 2 to 10 mg/mL, the obtained GNPs were nearly monocrystalline 

[204]. The reduction of 4-NP to 4-AP studies revealed that the GNPs capped with 0.5 
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mg/mL of lipase exhibited the highest catalytic efficacy and the lowest catalytic efficacy 

was exhibited by 10 mg/mL lipase-capped GNPs. The clear trend showed that the 

catalytic sites of bare gold regions were more exposed and therefore available for 

efficient catalysis with 0.5 mg/mL lipase-capped GNPs. Indirectly, the results prove 

efficient capping of GNPs with lipase at higher loading, which minimizes the 

accessibility of bare gold regions for catalysis. The amine-functionalities of lipase 

enabled the anchoring of GNPs over Fe3O4 nanoparticles via glutaraldehyde conjugation. 

Such a strategy was found to be useful in recovering and reusing the GNPs. Further 

studies are directed to employ mild reducing conditions in order to preserve the activity 

of lipase anchored over GNPs, which would be useful for various applications including 

catalysis, sensing, drug delivery etc [205]. 
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Chapter 5 

In vitro Hemocompatability Evaluation of 

Gold Nanoparticles Capped with  

Lactobacillus sps . Derived Lipase 
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5.1 Introduction 

 

Gold nanoparticles (GNPs) are emerging as potential agents for treatment in 

biomedical field. GNPs are unique due to their physiochemical properties such as smaller 

size, intense surface plasmon resonance in visible light wavelength region, excellent 

biocompatibility, and chemical stability. In this regard, the studies are currently being 

carried out with attention in many areas starting from targeted drug delivery in cancer 

treatment, antibacterial agents to tissue imaging agents [206–208]. Synthesis of GNPs 

involves reduction of Au (III) to Au (0) ions using different reducing solutions such as 

sodium citrate, NaBH4, alcohols etc, which result in the size range of 3 to 200 nm 

depending on the synthetic route [209]. The synthesized GNPs are usually stabilized by 

the capping agents that prevent particle aggregation and provide interfacial properties 

[210]. The surface properties can be tailored by the judicial choice of capping agent. The 

use of biomolecules (proteins, carbohydrates) as capping agents will provide interaction 

via free end groups present in them. Till date much research has been focused on using 

GNPs for various applications and their clinical evaluation. However, relatively little is 

known about the potential biological risks associated with GNPs and several barriers 

such as chronic cytotoxicity, tumor targeting efficacy, ability to avoid generating an 

immune response for in vivo applications [211–213]. Thus recently several groups 

focused on risk assessment on clinical evaluation of medically applied nanoparticles and 

there is a shift in research focus towards probing the effect of GNPs on biological 

processes that are critical for the cell functions. Many studies have found that polymeric 

nanoparticles, dendrimers, quartz particles, carbon nanotubes are cytotoxic and induce 

blood clotting [214–219]. Extensive in vivo hemocompatibility analyses have been 

carried out only for a few nanoparticles; however, the data interpretation is complicated 

due to the lack of adequate nanoparticles’ characterization in terms of surface charge, 
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size and variability of the experimental medium [220]. Recently, there is an upsurge in 

study on hemocompatability of GNPs with emphasis on blood coagulation factors [221]. 

It is known that the size, shape, surface charge, and capping agents influence the blood 

compatibility of GNPs [222–225]. Studies determining plasma binding profile of citrate-

stabilized GNPs indicate that major blood proteins such as albumin, globulin, fibrinogen, 

interact strongly with GNPs and also results in hydrodynamic size doubling of 

nanoparticles [226]. Studies with chitosan, and pyrimidine functionalized GNPs show 

that platelets do not aggregate in the presence of nanoparticles thereby effecting 

thrombin, fibrin components of blood clotting factors and prolong the blood clotting time 

[222–225]. Since all the above studies were based on measuring prothrombin time, they 

avoided major cell components present in the whole blood. In this study, we carried out 

lipase capped GNPs’ in vitro blood interaction studies using citrated whole blood (CWB) 

through monitoring the viscoelastic changes, platelets aggrometry tests, and plasma 

fibrinogen changes [227]. The results are significant in determining the effect of protein 

capped GNPs when come in contact with whole blood. 

5.2. Materials and methods 

5.2.1. Whole Blood Collection and Platelets isolation 

All experiments were done with prior approval from ethical committee, 

Institutional Review Board (IRB:2016/11/009) of Deccan College of Medical Sciences, 

Hyderabad, Telangana, India and the written informed consent forms were collected from 

the healthy individuals participated in the study.  Healthy volunteers were defined 

according to criteria of the Nordkem-Workshop. Blood was taken from healthy 

volunteers of age 18–30 who were free from platelet function affecting medication for a 

month. Donors suffering from any metabolic disorder or ailments were not included. The 

data of the donors such as (sex, age, height, weight, body mass index, blood pressure, 
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heart rate, haemoglobin percentage, WBC count) was collected and only the volunteers 

within the reference range for healthy humans were allowed to participate in the study 

[228].Whole blood samples were drawn from healthy volunteers using BD Vacutainer 

(3.8% sodium citrate). To isolate platelet rich plasma (PRP), the collected whole blood 

was diluted using Lymphoprep™ physiological saline at 1:1 ratio in a centrifuge tube 

and performed a soft spin at 130 g, 37oC, 15 min. The obtained supernatant after 

centrifugation was collected into another sterile tube followed by haemocytometer count. 

The collected blood was again centrifuged at higher speed to obtain platelet poor plasma. 

Two fractions were obtained after centrifugation, the upper 2/3rd fraction is platelet-poor 

plasma (PPP) and the lower fraction is 1/3rd platelet rich plasma (PRP) [229, 230]. The 

PRP was dissolved in appropriate amount of PPP. The concentration of the platelets 

within the PRP was assessed, and standardized to 1200×103 platelets/mL by adding the 

appropriate amount of PPP and used for the study [231]. 

5.2.2 Synthesis and Characterization of Gold nanoparticles (GNPs) 

 The lipase used in this study was isolated from Lactobacillus plantarum (MTCC 

4461) [232–234]. Hydrogen tetrachloroaurate (III) hydrate (HAuCl4), and NaBH4 were 

all purchased from Sigma Aldrich. Lipase capped GNPs were prepared by adding 1mL 

of 1mM HAuCl4 solution to solution of lipase in different concentrations (0.1, 0.5, 1, 

1.5, and 2mg/mL) in Tris-HCl buffer, followed by addition of 300uL of 25mM NaBH4 

solution. The successful formation of GNPs was confirmed using UV visible 

spectrophotometer (Shimadzu UV-3600 plus), and dynamic light scattering (DLS) 

(Zetasizer  Nano-ZS, Malvern). The size of the GNPs was also confirmed using high-

resolution transmission electron microscopy (HR-TEM, FEI, Tecnai G2, F30). DLS 

experiments were done to determine changes in size of GNPs after incubation in PRP, 
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and PPP. Citrate-capped GNPs were synthesized using standard Turkevich method for 

comparison [235]. 

5.2.3 Platelet aggregation studies 

 Two different concentrations of GNPs namely 1.0 nM and 5 nM with respect to 

gold concentration was used to evaluate the blood coagulation properties at 37◦C. 

Aggregation studies were performed in glass cuvettes coated with silicon using the 

instrument platelet aggregometer (Chrono-Log 490 model, Chrono-Log corp). This 

spectrophotometer mimics the blood flow conditions, creates a shear stress  using 

magnetic stirrers and measures the aggregation as function of difference between 

transmission wavelength of PPP and PRP with aggregation agonists (here L-GNPs, ADP) 

expressed in percentage aggregation. The recordings were carried out until ten minutes 

after adding lipase capped GNPs and  25uL of 2mL Adenosine Diphosphate (ADP) to 

PRP. 

5.2.4 Plasma fibrinogen tests 

Plasma fibrinogen tests were determined before and after incubation with lipase 

capped GNPs. Plasma fibrinogen test was performed based on sandwich Enzyme-Linked 

Immunosorbent Assay (AbFrontier, Catalog # LF-EK0153). This test was used to 

quantitatively determine the in vitro fibrinogen in human plasma. To make the standard 

curve, appropriate volume of standard solution with dilution buffers was added to 

microtiter wells and then human plasma was added to the sample wells, which was 

diluted by at least 4000 folds. Then the solutions were incubated for two hours, after 

which the incubation the solutions were discarded and the wells were washed adequately. 

About 100 microliter of working secondary antibody solution was pipetted into each well 

and incubated for 1 hour at room temperature. After incubation, the secondary antibody 

solutions from the wells were decanted, followed by washing of the wells. Then the 
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working Avidin-Horseradish Peroxidase solution was added to each well and incubated 

in dark for 1 h. After incubation, the wells were washed, the substrate solution was added 

and the plate was incubated at room temperature, followed by O.D. determination at 450 

nm by the microtiter plate reader. 

5.2.5 Blood clotting tests 

Blood coagulation kinetics of lipase capped GNPs was studied employing 

Thromboelastography TEG®. The clotting time (R) was observed as a function of 

increase in clot strength upon Ca2+ activation of coagulation in the presence of GNPs 

until an increase in elasticity corresponding to 2 graphical mm was observed. A shorter 

R value indicates hypercoagulability. Clot strength (MA) is the measure of maximum 

clot strength (in mm) developed with function of time, which mainly depends on the 

activity of blood clotting cascade that is usually expressed in dynes/cm2. The clot kinetics 

is measured in terms of α-angle◦ (clot angle). 

5.3 Results and discussion 

 The work primarily explores the effect of GNPs on blood with changing 

concentrations of lipase capping. Therefore, we have chosen 0.1 to 2mg/mL lipase 

capping solution, while keeping the gold solution and reducing agent concentrations 

constant. The samples are coded based on the amount of lipase capping agent used are as 

follows: 0.1mg/mL – (i); 0.5mg/mL – (ii); 1mg/mL – (iii); 1.5mg/mL – (iv); 2mg/mL – 

(v); and citrate-capped GNPs as reference – Citrate. Figure 5.1 depicts the strategy of the 

present hemocompatability study on human blood using lipase-capped GNPs.  
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Figure 5.1:  Study of Hemocompatibility of lipase capped GNPs on human blood  

 

 

Figure 5.2. UV-VIS Spectra of Lipase capped GNPs 

A gentle, but prominent plasmonic peak at ∼521 nm reveals the successful 

formation of GNPs. The hydrodynamic size of the synthesized nanoparticles was 

evaluated before and after incubation with blood plasma by DLS measurements. Table 6 

lists the mean particle diameter of the different amounts of lipase-capped GNPs 

employed in this study ranging from 7 to 10 nm.  
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Table 6: Particle size analysis using DLS for the lipase-capped and citrate-capped 

GNPs 

 

Sample Particle Diameter 

(i) 9.4 

(ii) 9.2 

(iii) 8.8 

(iv) 7.5 

(v) 10.1 

Citrate Capped 9.7 

Note: (i) 0.1 mg/mL (ii) 0.5 mg/mL (iii) 1.0 mg/mL (iv) 1.5 mg/mL (v) 2.0 mg/mL 

Lipase capped and Citrate capped GNPs. 

 

The hydrodynamic size of lipase capped GNPs after incubation with blood 

plasma (PPP) was also evaluated using DLS. It was found that the particle size remain 

unchanged even after 1 h of incubation in the blood plasma, suggesting that there was no 

aggregation of nanoparticles in blood plasma due to the efficient lipase capping which 

had stabilized the nanoparticles and prevented the aggregation in plasma solution. 

Representative HR-TEM images of 1mg/mL lipase capped GNPs are shown in Fig. 5.3. 

 

Figure 5.3. HR-TEM images of Lipase capped GNPs 

 It can be seen that the synthesized lipase capped GNPs were found to be in the 

sub-10 nm in size and the particle morphology was nearly spherical. Plasma fibrinogen 
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levels of plasma samples were evaluated after treatment with lipase capped GNPs and 

the results are presented in Fig. 5.4.  

 

Figure 5.4. Plasma Fibrinogen test (A) 1 nM lipase capped GNPs treatment of whole 

blood (B) 5 nM lipase capped GNPs treatment of whole blood i) 0.1 mg/mL ii) 0.5 

mg/mL iii) 1.0 mg/mL iv) 1.5 mg/mL v) 2.0 mg/mL Lipase capped GNPs, Citrate 

capped GNPs and Control 

It was found that there was no significant difference among the GNPs at the two 

different concentrations used. However, compared to the control, a two fold increase in  

fibrinogen levels was observed post incubation with lipase capped GNPs. Several other 

studies have also reported that fibrinogen is one of the major components of blood that 

interacts with colloidal nanoparticles [236]. There may be several reasons; one of the 

differences could be attributed to the slight variation in protein charge in presence of 

nanoparticles. Therefore, it is imperative to study the effect of the increase in fibrinogen 

content towards strength and kinetics of blood coagulation. Thus, we further studied 

blood clot strength using Thromboelastography TEG® analysis in the presence of lipase 

GNPs (Figs.5.5).   
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Figure 5.5. Estimation of Clot Strength (A) 1 nM lipase capped GNPs treatment of 

whole blood (B) 5 nM lipase capped GNPs treatment of whole blood i) 0.1 mg/mL 

ii) 0.5 mg/mL iii) 1.0 mg/mL iv) 1.5 mg/mL v) 2.0 mg/mL Lipase capped GNPs, 

Citrate capped GNPs and Control 

 

In this experiment, in vitro blood coagulation experiments with gold 

concentrations of 1 nM and 5 nM with varying lipase (0.1, 0.5, 1.0, 1.5, 2.0mg/mL) 

capping agent was performed. We studied the effect of blood clotting on clot strength 

(MA), clotting time (R) (Figure 5.6) and clot kinetics  

 

Figure 5.6. Estimation of Clot formation time (A) 1 nM lipase capped GNPs 

treatment of whole blood (B) 5 nM lipase capped GNPs treatment of whole blood 

i) 0.1 mg/mL ii) 0.5 mg/mL iii) 1.0 mg/mL iv) 1.5 mg/mL v) 2.0 mg/mL Lipase 

capped GNPs, Citrate capped GNPs and Control 
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(alpha-angle◦) in the presence of GNPs along with CaCl2 (Ca2+) to activate blood 

coagulation since blood was collected using citrated vials. TEG® analysis of blood with 

1 nM and 5 nM GNPs with varying lipase capping indicated that despite two fold increase 

in the fibrinogen levels, there was no significant effect on clot formation kinetics (α-

angle) (Figure 5.7) clot strength and blood clotting time when compared with control 

[237].  

 

Figure 5.7. Estimation of Clot formation angle (A) 1 nM lipase capped GNPs 

treatment of whole blood (B) 5 nM lipase capped GNPs treatment of whole blood 

i) 0.1 mg/mL ii) 0.5 mg/mL iii) 1.0 mg/mL iv) 1.5 mg/mL v) 2.0 mg/mL Lipase 

capped GNPs, Citrate capped GNPs and Control 

Furthermore, there was no clear trend in relation to the difference in lipase 

capping of GNPs and also the use of different concentrations of gold. This could be due 

to the smaller size of the nanoparticles which are usually in the range of sub-10 nm and 

their inability to hyperactivate the clotting cascade. Even after increasing the amount of 

nanoparticle concentration to 5 nM, we could not detect any significant effect on the 

blood coagulation process. Several studies reported that treatment with GNPs results in 

increase in fibrinogen, but there is no evidence that the GNPs are thrombogenic in nature. 

The increased fibrinogen binds to gold nanoparticle surfaces, which is usually size 

dependent and increases with decrease in particle size, but such a binding does not 

usually cause coagulation [238]. Studies have shown that citrate stabilized GNPs 
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potentiate ADP-induced platelet activation due to rapid internalization of smaller sized 

GNPs and subsequent fibrinogenesis [239]. In our study we used GNPs of size ∼10 nm, 

which could have resulted in internalization by platelets and thereby increasing the 

fibrinogen content. The specific GNPs-protein corona has not been studied in detail so 

far and also the components and the parameters involved in blood clotting cascade that 

determine the clotting time and formation are not clearly understood [240–242]. The 

platelet aggregation in the presence of GNPs was evaluated with a positive control ADP. 

The percentage of platelet aggregation (%) in the presence of lipase capped GNPs was 

found to be significantly lower in the different concentrations tested in this study. The 

percentage aggregation of platelets after 10 minutes of incubation for different 

concentrations of lipase capped GNPs is presented in Fig. 5.8.  
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Figure 5.8. Estimation of Platelet aggregation in presence of lipase capped GNPs  

i) 0.1 mg/mL Lipase capped GNP’s ii) 0.5 mg/mL iii) 1.0 mg/mL iv) 1.5 mg/mL v) 

2.0 mg/mL, Citrate capped GNPs, Control 

The results suggested that blood platelet aggregation was not activated in 

presence of GNPs. Earlier reports have shown that the nanoparticles of 20 nm size and 



84 

 

above were actively involved in platelet aggregation [240-242]. The lack of aggregation 

can be attributed to inactivation of platelets by the smaller size of the nanoparticles used 

for testing. 

5.4 Conclusion 

The present study revealed that lipase capped GNPs synthesized using NaBH4 

approach are stable and hemocompatible. It was found that there was two-fold increase 

in fibrinogen levels after the exposure to nanoparticles, which is consistent with other 

studies. However, the increase in fibrinogen levels was found not to have any adverse 

effect on the blood coagulation parameters such as clotting time, clot strength and clot 

formation kinetics. Furthermore, our study also revealed that there was no significant 

change in the platelet aggregation behaviour. The hemocompatability is attributed to the 

very small size regime (sub-10 nm) and the eco-friendly behavior of the probiotic lipase-

capped GNPs. Future studies can be directed to determine the coagulation effects of 

GNPs as a function of size as well as at elevated concentrations. 
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Chapter 6 

Extracellular probiotic lipase capped 

silver nanoparticles as highly efficient 

broad spectrum antimicrobial agents 
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6.1 Introduction 

 

Many ancient cultures have used several antimicrobial compounds based on 

selected plant materials, colloidal metals and specific mold extracts to treat infections 

[243]. These natural extracts and colloidal metals were replaced by the discovery of 

synthetic antibiotics by early 20th century.  Since their discovery and commercial use, 

these antibiotics have saved innumerable lives [244]. In early 1940s, the antibiotic 

Penicillin was prescribed to control serious bacterial infections among World War II 

soldiers [245].  Ever since, antibiotics have played a major role in treating infections in 

cancer or immune compromised patients, diabetics, organ transplants, joint replacements, 

cardiac surgeries and thereby increasing the life spans across the world [246].  Their use 

is not limited to human, but have also been employed in bee-keeping, growth promoter 

in animal husbandry, horticulture, fish farming, food preservation and antifouling paints 

[247]. The use of antibiotics across various domains even at a low-concentration 

exposure to microbes results in selection and spread of antibiotic-resistant strains [248].  

Apart from this, over prescription and misuse of antibiotics conferred resistance 

to clinically useful antibiotics as well. This is a threat to human healthcare system and 

therefore warrants key measures to tackle the risks posed by microbial resistance to 

antibiotics [249]. This rise in resistance of microbial organisms to various antibiotics in 

turn results in increasing the cost of health care. Thus, the need of the hour is to engage 

in developing effective and stable antimicrobial agents that are alternatives to antibiotics 

for combating microbial resistance. This has initiated the quest for new antimicrobial 

drugs that possess structures not related to the current active pharmaceutical ingredients 

in biological and medicinal chemistry. 

Silver nanoparticles (Ag NPs), on the other hand, have become the popular choice 

recently for antimicrobial properties in several applications including food storage 
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containers, cosmetics, wound healing dressings etc [250]. It is reported that around 400 

metric tons of Ag NPs have been produced annually [251]. Several reports exist on 

antimicrobial activity of Ag NPs due to the advantage that the microbes do not develop 

resistance against them easily, when compared to the antibiotics where they eventually 

develop resistance through genetic mutations [252]. Although Ag NPs can act alone as 

anti-bacterial agent, their aggregation in the absence of appropriate capping agents 

severely inhibits the antimicrobial action [253]. This can be overcome by employing an 

appropriate capping agent onto the Ag NPs. A variety of synthetic polymers, natural 

polymers, biomacromolecules and surfactants such as poly-(N-vinyl-2-pyrrolidone) 

(PVP), (polyethylene glycol (PEG), polyvinyl alcohol (PVA), starch, cellulose, sodium 

dodecyl sulfate (SDS), citrate, bovine serum albumin (BSA), fungal and plant protein 

extracts have been employed as capping agents for Ag NPs [254]. Among such various 

capping agents, bio-derived molecules such as enzymes, saccharides and plant derived 

molecules are considered to be more eco-friendly and bio-compatible. Proteinaceous 

capping agents have additional advantage of being amphoteric in nature, which could 

enable the interaction of the capping agent with poly cationic and poly anionic moieties 

present on the bacterial surface [255].   

Despite the large scale industrial applications of Ag NPs, their utility also comes 

with a cost. Their excessive usage in the recent years has raised significant concerns 

among the researchers working in the field of environmental toxicology. While the 

permissible exposure limit set by Occupational Safety and Health Administration for 

soluble silver is 0.01 mg/m3, the literature reports indicate the lethal dose 50 (LC50) of 

Ag NPs (~80 nm in diameter) in zebra fish model is about 84 ng/mL, which is in the ppb 

concentration scale [256]. However, except a very few articles, majority of the studies 

reported in the literature used the concentration of Ag NPs in ppm scale. Thus, while in 
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the process of addressing antimicrobial resistance caused by antibiotics, the excess of Ag 

NPs released in the environment could result in a secondary health hazard and 

environmental threat. Furthermore, the Ag NPs are shown to affect the ammonia-

oxidizing bacteria in biological nutrient removal and waste water treatment [257]. 

Therefore, it is imperative that the concentration of Ag NPs released in the environment 

should be very much in the acceptable level. In the present study, Ag NPs capped with 

lipase from probiotic source of Lactobacillus plantarum have been synthesized and 

studied for their antimicrobial properties against Pseudomonas putida, Staphylococcus 

aureus and Aspergillus niger [258].  Although lipases are present in various fungal and 

bacterial sources, Lactobacillus plantarum is preferable as they are probiotics and part of 

the human mucosal surface microflora. Due to this reason, they are known to be highly 

biocompatible. Recently, we have shown that Au nanoparticles capped with 

Lactobacillus plantarum lipase are hemocompatible [259]. Furthermore, it has also been 

shown that the functional groups such as –COOH present in the proteins are useful in 

chemically anchoring the nanoparticles onto Fe3O4 to facilitate facile magnetic 

recoverability and thereby minimizing the threat of releasing into the aquatic 

environment [260]. Therefore, we have studied the minimum inhibitory concentration 

(MIC) of the lipase capped Ag NPs against the microbial strains in the concentration 

range well below the LC50 values for zebra fish as a step toward absolute eco-friendly 

and biocompatible antimicrobial agent [261]. 

6.2 Materials and Methods 

6.2.1 Materials: 

Lipase from Lactobacillus plantarum (MTCC 4461) was isolated as per our 

previous reports. Silver [170]. Nitrate, NaBH4 and PBS buffer (pH 7.4) used were 
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purchased from Sigma Aldrich. Pseudomonas putida, Staphylococcus aureus and 

Aspergillus niger culture were obtained from MTCC, Chandigarh, India. 

6.2.2 Preparation of lipase-capped silver nanoparticles (Ag NPs):  

About 0.2, 0.6 and 1.0 mM concentrations of silver nitrate solutions were freshly 

prepared in deionized water and used for the nanoparticles synthesis within 2 h of time.  

To 1 mL of the above mentioned silver nitrate solutions, 0.5 mL of lipase isolated from 

Lactobacillus plantarum was added such that the final lipase concentrations for each 

concentration of silver nitrate solution was 25, 50 and 100 μg/mL. Finally, the reduction 

of silver nitrate was accomplished by adding stoichiometric amount of sodium 

borohydride with respect to silver nitrate.  

6.2.3 Characterization of lipase-capped Ag NPs  

The formation Ag NPs capped with different concentrations of lipase was 

followed using UV-visible spectrophotometer (Shimadzu UV-3600 plus). Energy 

dispersive X-ray fluorescence (ED-XRF) studies were performed using Epsilon-1 

Analytical instrument to ascertain the chemical identity of silver. Fourier Transform 

infrared (FT-IR) analyses of the synthesized Ag NPs were performed using Shimadzu 

8400S spectrophotometer to confirm the lipase capping. Malvern Zeta Sizer Nano 

instrument was used to characterize the lipase capped Ag NPs to determine the 

hydrodynamic diameter. The morphological characteristics were analyzed using high-

resolution transmission electron microscopy (HR-TEM, FEI, Tecnai G2, F30).            

6.2.4. Evaluation of antimicrobial activity of the lipase capped Ag NPs on 

Pseudomonas putida  

The Pseudomonas putida was cultured for 12 hours at 37 °C under shaking 

conditions (150 rpm) in Luria Bertani (LB) broth medium. To find the minimum 

inhibitory concentration (MIC), the initial cell concentration of 2.3 x 105 colony forming 



90 

 

units per mL (CFU/mL) culture was taken and treated individually with 10, 15, 20, 25 

and 30 nM concentrations of the sample solution containing Ag NPs with three different 

concentrations of 0.2, 0.6 and 1.0 mM (with respect to elemental Ag) each separately 

capped with 25, 50 and 100 μg/mL of lipase. This culture mixed with Ag NPs was then 

incubated at 37 °C under shaking conditions (100 rpm) for 6 hours in dark. The positive 

control was the culture treated with 10 μg/mL of ampicillin. The negative controls were 

the cultures treated separately with pristine lipase and NaBH4 (SB). The conditions for 

the positive and negative control were same as that of the former. The growth was 

recorded in terms of optical density at 600 nm using UV-Vis spectrophotometer after 6 

hours of incubation. MIC was deduced by counting the CFUs to study the effect of lipase 

capped silver nanoparticles as compared to that of positive and negative controls. All the 

antimicrobial studies were performed in triplicates. 

6.2.5 Evaluation of antimicrobial activity of the lipase capped Ag NPs on 

Staphylococcus aureus 

The S. aureus was cultured for 24 hours at 37 °C under shaking conditions (150 

rpm) in LB broth medium. About 2.8 x 105 CFU/mL was taken and treated with the 

nanoparticles in a similar fashion that of P. putida and the optical density at 600 nm was 

recorded using UV-Vis spectrophotometer after 6 hours of incubation with nanoparticles. 

MIC was deduced to study the effect of lipase capped Ag NPs as compared to that of 

positive and negative controls.  

6.2.6 Evaluation of antimicrobial activity of the lipase capped Ag NPs on Aspergillus 

niger 

The Aspergillus niger spores were inoculated in a media containing 8.76 mM of 

sucrose, 2.35 mM of sodium nitrate, 0.734 mM of potassium dihydrogen phosphate, 0.41 

mM of magnesium sulphate, 0.067 mM of potassium chloride and 0.658 mM of ferrous 
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sulfate. The culture was incubated at 28 °C for 48 hours to reach the log phase. About 1 

g of the biomass of fungi for control and sample grown after 48 hours of incubation was 

treated with 10, 15, 20, 25 and 30 nM Ag NPs separately in a similar fashion to P. putida.  

The cultures were incubated for 6 hours at 28 °C in dark condition and the dry weights 

of the treated biomasses were determined after drying in hot air oven at 60 °C for 15-20 

minutes. The positive control was the culture treated with 10 μg/mL of Amphotericin B. 

From the bar graphs of dry weight of biomass versus concentration, the MIC values were 

obtained. 

 

6.3. Results & Discussion 

 

The synthesized lipase capped Ag NPs were initially characterized using UV-Vis 

spectrophotometer and the results are presented in Figure 6.1a-c. In all the three 

concentrations of AgNO3 such as 0.2, 0.6 and 1.0 mM, the formation of strong plasmonic 

peaks in the range of 400-420 nm clearly indicated the successful synthesis of Ag NPs 

[262]. 
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Figure 6.1: UV-Vis absorption spectra of Ag NPs synthesized from (a) 0.2mM, (b) 

0.6 mM and (c) 1.0 mM AgNO3 solutions with varying amount of lipase. (d) Energy 

dispersive X-ray fluorescence (ED-XRF) spectra of Ag NPs synthesized from the 

above mentioned AgNO3 solutions with 100 μg/mL of lipase capping. 

 

Interestingly, at a fixed concentration of AgNO3, there is a trend of increasing 

plasmonic peak intensity with increasing the concentration of lipase capping agent. This 

is indicative of formation of smaller size and in turn larger number of Ag NPs with the 

systematic increase in lipase concentration. Furthermore, with the systematic increase in 

the concentration of AgNO3, the absolute absorbance values of the plasmonic peaks were 

found to increase linearly, thus confirming the quantitative conversion of the starting 

materials into lipase capped Ag NPs. The chemical identity of the nanoparticles was 
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further ascertained using a powerful technique, energy dispersive X-ray fluorescence 

(ED-XRF) over the Ag NPs solutions synthesized from 0.2, 0.6 and 1 mM AgNO3 

solutions capped with 100 μg/mL of lipase (Figure 6.1d). It can be seen from the figure 

that the characteristic Ag Lα, Ag Lβ1 and Ag Lβ2 peaks were observed at 2.98, 3.17 and 

3.68 keV, respectively, which corroborates the chemical identity of silver. In addition, a 

gentle increase in the peak intensity with increasing the concentration of silver 

additionally corroborates the observation from UV-vis spectroscopy studies.  

 

 

Figure 6.2: FT-IR spectra of pristine Ag NPs, pristine lipase and lipase-capped Ag 

NPs. 

Fourier Transform infrared (FT-IR) analyses were performed in order to verify 

the capping of lipase over Ag NPs. Three samples such as pristine Ag NPs (reduced with 
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of 100 μg/mL of lipase were subjected FT-IR analyses and the results are shown in Figure 

6.2. The pristine Ag NPs showed a broad peak at 3437 cm-1 and a small peak at 1632 cm-

1, which could be attributed to the hydroxyl and other byproducts such as metaborate, 

respectively. The pristine lipase, on the other hand, exhibited characteristic stretching 

peaks in the range of 3200-3500 cm-1 corresponding to hydroxyl and amine groups, two 

stretching peaks at 2957 and 2872 cm-1 corresponding to –C-H functionality and a 

prominent amide stretching peak at 1661 cm-1 along with some additional stretching 

peaks in the finger print region. In case of Ag NPs synthesized in the presence of lipase, 

the IR spectrum was found to have a good resemblance to that of pristine lipase, which 

indicates the capping of lipase over the Ag NPs. The gentle shift in the amide stretching 

peak from 1661 cm-1 to 1651 cm-1 could be attributed to the electrostatic interaction 

between the surface of Ag NPs and the amide bonds of lipase that additionally confirms 

the efficient capping of lipase over Ag NPs. These results are in line with the literature 

[263]. 

The size of the as-synthesized lipase-capped Ag NPs were determined using 

dynamic light scattering (DLS) and the results are presented in Figure 6.3 The DLS 

analyses revealed that the hydrodynamic size of the nanoparticles possessed significant 

dependency on the concentration of the capping agent and a lesser dependency on the 

concentration of AgNO3. When the concentration of AgNO3 was fixed, the particle size 

was found to decrease with increasing amount of lipase capping agent (25-100 μg/mL), 

indicating the efficient capping by lipase and thus leading to smaller, stable and highly 

dispersible nanoparticles. When the concentration of AgNO3 was increased from 0.2 to 

0.6 mM, the particle size was observed to be increased at all concentrations of lipase 

used. It was noticed that the size of the Ag NPs obtained with 0.6 and 1.0 mM of AgNO3  
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Figure 6.3: DLS size distribution of Ag NPs synthesized from (a) 0.2mM, (b) 0.6 mM 

and (c) 1.0 mM AgNO3 solutions with varying amount of lipase.  

 

was very comparable with equivalent amount of  

lipase capping agent. These results corroborate the observation from UV-Vis 

spectroscopy studies. Thus, the smallest AgNPs among the lot was observed to be 

obtained with 0.2 mM of AgNO3 capped with 100 μg/mL of lipase. It was generally 

observed that at higher concentrations of AgNO3 and lower concentrations of lipase the 

sizes as well as the polydispersity of the obtained Ag NPs were increased. HR-TEM 

imaging was performed over selected samples in order to understand the effect of lipase 

capping on the size and morphology of the Ag NPs and the results are presented in  Figure 

6.4(a-j). The Ag NPs synthesized from 0.2 mM AgNO3 solution with varying lipase 
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concentration and the nanoparticles synthesized from varying initial AgNO3 

concentrations capped with a fixed lipase concentration of 100 μg/mL were chosen for 

the analysis.  

 

 

Figure 6.4 a-j: HR TEM images of a, b) 0.2 mM AgNPs capped with 25 µg of lipase c, d) 

with 50 µg of lipase e, f) 100 µg of lipase g, h) 0. 6mM AgNPs capped with 100 µg of lipase 

i,j) 1.0 mM AgNPs capped with 100µg of lipase   
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As can be seen from the figure, almost all the nanoparticles were found to be 

nearly spherical in shape. When the AgNO3 concentration was fixed at 0.2 mM, with the 

increase in lipase capping amount from 25 to 100 μg/mL, the average size of the Ag NPs 

was found to decrease from ~10 to 5 nm. When the AgNO3 concentration was varied 

from 0.2 to 1.0 mM with 100 μg/mL capping of lipase, the average size of the Ag NPs 

was found to be in the range of ~5 to 7 nm. Thus, the effect on the size was majorly 

influenced by the amount of lipase capping, not on the initial AgNO3 concentration used 

in this study. These observations have clearly shown the efficient capping by lipase at 

100 μg/mL and thus further corroborates the DLS analyses.  

For studying the antimicrobial activity, the stock solutions of Ag NPs mentioned 

earlier were diluted to obtain the final working solutions having silver concentrations of 

10, 15, 20, 25 and 30 nM (Figure 6.5). Several studies report that Ag NPs work effectively 

against gram negative bacteria. Therefore, we initially performed the antibacterial studies 

against the gram negative bacteria Pseudomonas putida (Figure 6.5(a-e)). Among the 

controls, pristine lipase and NaBH4 did not exhibit any significant inhibition of the 

microbial growth, whereas the positive control ampicillin showed ~60% inhibition. With 

respect to the stock solution, the working solutions obtained from 0.2 mM solution of Ag 

NPs exhibited the best antimicrobial activity compared to the remaining two. This could 

be due to the smaller hydrodynamic size of the nanoparticles, as indicated by DLS 

analyses, that may have enhanced the permeation of the nanoparticles into the microbial 

cell. Among the working solutions, the antimicrobial activity of all the samples was 

found to be enhanced with increasing concentration from 10 to 30 nM, which could be 

attributed to the higher bioavailability of the nanoparticles. It is also observed that the 

antimicrobial activity was steadily increased with increasing lipase capping in most of 
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the cases. This could be due to the reason that the Ag NPs are highly stabilized and 

therefore well-dispersible, when capped with higher amount of lipase. With 20 nM and 

above concentrations, all the Ag NPs were found to exhibit ≥50% bactericidal effect. It 

is noteworthy that the most efficient MIC was achieved even at 10 nM concentration with 

Ag NPs obtained from 0.2 mM stock solutions.  

We further explored the antibacterial effect of lipase capped Ag NPs against the 

gram positive bacteria Staphylococcus aureus (Figure 6.5(f-j). In this case also the lipase 

capped Ag NPs exhibited significant bactericidal effect, although the effect is slightly 

lesser than the Pseudomonas putida. The overall trend in terms of the effect of Ag NPs 

concentration and the lipase quantity towards bactericidal effect was found to be similar 

to the Pseudomonas putida. In this case too, the negative controls such as pristine lipase 

and NaBH4 did not exhibit any significant bactericidal effect. However, the positive 

control ampicillin showed ~40% inhibition, which is significantly lesser than in the case 

of gram negative bacteria. It was found that at 30 nM concentration, all the Ag NPs 

sample solutions exhibited ≥50% antimicrobial activity. Again, the best MIC was 

achieved at concentration as low as 10 nM with Ag NPs capped with 100 μg/mL of lipase 

obtained from 0.2 mM stock solutions.  

In order to explore the applicability of probiotic lipase capped AgNPs towards 

broad spectrum antimicrobial activity, we also studied the effect of the Ag NPs over a 

fungal strain Aspergillus niger (Figure 6.5(k-o)). It is known that the antibiotics are 

generally less effective against fungal strains and therefore the antifungal drug 

Amphotericin B was chosen as the positive control. This positive control exhibited ~50% 

of fungicidal activity, while the negative controls pristine lipase and NaBH4 did not 

exhibit any significant fungicidal effect.  As expected, the required amount of Ag NPs to 

exhibit significant antifungal effect was found to be higher than that against the bacteria. 
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The lowest concentration of Ag NPs required to exhibit the MIC was found to be at 15 

nm concentration obtained from 0.2 mM stock solution of Ag NPs capped with 100 

μg/mL of lipase. It is noteworthy that ~80% of fungicidal effect was exhibited by 30 nM 

solutions obtained from 0.2 mM stock solution of Ag NPs capped with 100 μg/mL of 

lipase.  

 
 

Figure 6.5: Antimicrobial activity of Ag NPs against (a-e) P. putida, (f-j) S. aureus 

and (k-o) A. niger tested against positive control of Ampicillin and Amphotericin B 

(in case of A. niger), untreated control and negative controls of Lipase treated 

culture and sodium borohydride (SB). 

 

The above results clearly demonstrate the high antimicrobial efficacy of the Ag 

NPs stabilized with the probiotic lipase. Although it is not feasible to directly compare 

the MIC values reported in literature due to the differences in various influencing factors 

such as microbial strain, resistance level, initial microbial concentration, variation in the 

culture media, method adopted to calculate MIC, size/shape of Ag NPs and the stabilizing 

agent used, but our studies demonstrated the high antimicrobial activity in very low 

concentrations of Ag NPs much below the LC50 value of zebra fish [261, 264-266]. Table 
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1 shows the comparative MIC values of Ag NPs available in the literature against various 

microbial strains. As can be seen from the table, majority of the literature reported MIC 

values of Ag NPs against both bacteria and fungi in the μg/mL range. There are only a 

very few articles reporting the MIC values in the ng/mL range, which are closer to our 

current findings.  

Although plethora of reports exist on the mechanistic studies of the antimicrobial 

activity of Ag NPs, the precise mechanisms are still unclear [267], but the following 

factors are considered to be the possible reasons for their activity. The Ag NPs are 

considered to bind initially to the cell membrane, gain entry into the cell and bind to the 

DNA, thereby believed to cause interference in the replication process [268,269]. Other 

theories state the binding of Ag NPs to the –SH group of the enzymes involved in electron 

transport chain (ETC) resulting in catalytic oxidation of the sulfhydryl group of the ETC 

proteins of the cell and further inactivating the proteins by forming disulfide linkages 

[270,271,272]. It is known that the surface of gram negative bacteria consist of 

lipopolysaccharides in its outer membrane, while the outer membrane of gram positive 

bacteria mainly consists of peptidoglycans.  Since the proteins are amphoteric in nature 

that consist of both acidic and basic moieties, they can bind to a variety of surfaces to 

facilitate easy penetration of the Ag NPs through the outer membrane of the microbes 

and thereby initiate the cascade of chemical and biological changes, which could result 

in the enhanced antimicrobial activity. Thus, our results reveal that the capping of Ag 

NPs with probiotic lipase demonstrate high potential towards broad spectrum 

antimicrobial activity at very low concentrations in the range of ppb (ng/mL). 
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Table 7. Comparison of MIC values of Ag NPs against different microbes reported 

in the literature. 

Microbes Initial 

Concentration 

(CFU/mL) 

MIC of Ag 

NPs 

Reference 

E. coli 

Staphylococcus aureus 

Yeast  

107 0.56 ng/mL 

5.6 ng/mL 

2.24 ng/mL 

264 

B. subtilis,  

S. aureus,  

P. aeruginosa  

E. coli 

N/A 6.8 μg/mL 

5.1 μg/mL 

1.70 μg/mL 

3.4 µg/mL 

273 

Escherichia coli J53  

E. coli J53pMG101  

Salmonella sp.  

Staphylococcus aureus 

2.5 to 4 x 10 5 3.7 μg/mL 

4.0 μg/mL 

3.0 μg/mL 

4.0 µg/mL 

274 

P. aeruginosa  10 6 2 µg/mL 275 

E. coli 

Staphylococcus aureus 

105  6.25 μg/mL 

7.5 µg/mL 

276 

E. faecalis 10 8 5 mg/mL 277 

E. coli MTCC 443,  

E. coli MTCC 739,  

B. subtilis MTCC 441,  

S. aureus NCIM 5021 

105 20 μg/mL 

60 μg/mL 

30 μg/mL 

70 µg/mL 

278 

Escherichia coli 116S, 

J53 

E. coli J53pMG101 

10 8 0.216 ng/mL 

8.64 ng/mL 

279 

Escherichia coli 5.0 ×106 5 μg/mL 280 

BCG  

Escherichia coli 

105 5 µg/mL 

10 μg/mL 

281 

Escherichia coli,  

Acinetobacter baumanii 

Pseudomonas aeruginosa 

Bacillus subtilis  

Mycobacterium 

smegmatis 

Mycobacterium bovis  

Staphylococcus aureus 

105 0.5 μg/mL 

0.4 μg/mL 

0.4 μg/mL 

1.7 μg/mL 

0.5 μg/mL 

1.1 μg/mL 

0.7 μg/mL 

282 

E. coli 108 1.35 ng/mL 283 

S. enterica 105 9-14 μg/mL 284 

E. coli, 

S. aureus, 

Bacillus anthracis,   

Candida albicans. 

105 1.7 μg/mL 

1.9 μg/mL 

3.0 μg/mL 

19 μg/mL 

285 

S.aureus,  

P. aeruginosa,  

S. enterica,  

105 4.7 μg/mL 

2.3 μg/mL 

2.3 μg/mL 

286 
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E. coli 1.2 μg/mL 

E. Coli  

S. typhimurium 

105 4.0 μg/mL 

6.0 μg/mL 

287 

Bacillus cereus  

Bacillus subtilis  

Staphylococcus aureus  

Micrococcus luteus  

Enterobacter cloacae  

Serratia marcescens  

Shigella dysentery  

108 60 μg/mL 

58 μg/mL 

59 μg/mL 

60 μg/mL 

49 μg/mL 

50 μg/mL 

48 μg/mL 

288 

E. coli MTCC 443, 

B. subtilis MTCC 441 

E. coli MTCC 739 

S. aureus NCIM 5021 

105 20 μg/mL 

60 μg/mL 

30 μg/mL 

70 μg/mL 

289 

E. coli 

S. aureus 

105 16.9 μg/mL 

8.45 μg/mL 

290 

P. putida 

S. aureus 

A. niger 

105 1.08 ng/mL 

1.08 ng/mL 

1.62 ng/mL 

This work 

 

6.4 Conclusion: 

Probiotic lipase from Lactobacillus plantarum was employed as a stabilizing 

agent for Ag NPs synthesized through NaBH4 reduction method. The concentrations of 

lipase and AgNO3 were systematically varied from 25-100 μg/mL and 0.2-1.0 mM, 

respectively. While FT-IR studies revealed the successful capping of lipase over Ag NPs, 

UV-vis spectroscopic studies indicated the formation of smaller size nanoparticles with 

increased lipase concentration. The DLS and HR-TEM analyses revealed that the Ag NPs 

obtained from 0.2 mM AgNO3 solution with 100 μg/mL of lipase capping were the 

smallest in size. Among all the combinations, the 100 μg/mL lipase capped Ag NPs 

synthesized from 0.2 mM AgNO3 solution exhibited the best antimicrobial property 

against both gram positive (S. aureus) and gram negative (P. putida) bacteria at a MIC 

of 10 nM. In case of A. niger, the MIC exhibited by the same composition was found to 

be 15 nM. Thus, the combination of ultra-small size Ag NPs and lipase capping resulted 

in synergistic and efficient antimicrobial activity at concentrations much lower than the 

LC50 values of zebrafish. Furthermore, the efficient MIC values against the representative 
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bacteria and fungus reveals the high potential of the lipase capped Ag NPs as broad 

spectrum antimicrobial agents.   
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Chapter 7 

Biodiesel Synthesis from Waste Cooking Oil 

Employing free, Immobilized Lipase from 

Probiotic Lactobacillus sps. 
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7.1 Introduction: 

The probiotic lipase from L. plantarum, L. brevis was further exploited for 

biodiesel production. Biodiesel is a mixture of alkyl esters made from renewable 

biological sources like vegetable oil mainly  olive oil, cottonseed oil, jatropha oil, 

rapeseed oil, soyabean oil, sunflower oil, palm oil, corn oil, peanut oil and canola oil 

[292-295]. Biodiesel consumption has raised significantly over the decades as the fossil 

fuels reserves will be exhausting in a century at the current usage rate, apart from that, 

the gases emitted upon fossil fuel combustion are an environmental concern [296].  

Biodiesel is a carbon neutral fuel as the carbon present in the exhaust was originally fixed 

from the atmosphere. These multiple factors contributed the regulatory agencies to 

encourage the use of biodiesel blends with fossil fuel [297]. The direct usage of vegetable 

oils as biodiesel is possible by blending it with conventional diesel fuels in a suitable 

ratio and these ester blends are stable for short term usages [298]. This blending process 

is simple which involves mixing alone and hence the equipment cost is low. But direct 

usage of these triglyceric esters (oils) is unsatisfactory and impractical for long term 

usages in the available diesel engines due to high viscosity, acid contamination and free 

fatty acid formation resulting in gum formation by oxidation and polymerization and 

carbon deposition [299]. Hence vegetables oils are processed so as to acquire properties 

(viscosity and volatility) similar to that of fossil fuels and the processed fuel can be 

directly used in the diesel engines available. To overcome, the problem associated with 

direct use of oil, lipase based transesterification is the best option [300].  Compared with 

chemical methods using alkaline or acid catalysts, utilization of lipase as a catalyst for 

biodiesel production has great potential because no complex operations are needed both 

for the recovery of glycerol and in the elimination of catalyst and salt [301].  In recent 

reports, several researchers have optimized the biodiesel production by altering reaction 
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conditions in many ways including (i) the effect  of  enzyme catalysts, heterogeneous 

catalysts [302-306]; (ii) the effect of operating parameters [307, 308] and acidic catalysts 

[309, 310]. The critical issues for biodiesel production are the high cost of raw material 

required and limited availability of vegetable oil feedstock which in turn will increase 

the manufacturing costs [310]. To minimize the production costs, waste cooking oils 

were used, subsequently, the total manufacturing cost of biodiesel significantly reduced. 

In addition to the production costs, the quality obtained by using waste cooking oils was 

at par with fresh vegetable oils [311]. Increase in food consumption lead to increase in 

usage and disposal of cooking oil [312]. This waste cooking oil can be converted to fuel 

that reduces the harmful disposal of these waste oils into drains thus decreasing 

environmental impact [313]. The reaction conditions required for biodiesel production 

are inconsistent, chiefly depends on the properties of waste cooking oil used. There is a 

need to optimize universally the reaction conditions of biodiesel production, resulting in 

consistent quality yields so that engine performances become superior with reduced 

emissions. The main problem associated with enzyme catalysis is the stability and 

recovery of enzyme from the reaction mixture for re-use. It can be overcome by 

immobilizing the enzyme, this enables the recovery of enzyme, better stability, thus 

better activity during reaction. The present study is focused on employing free and 

immobilized lipase isolated from probiotic source Lactobacillus plantarum, 

Lactobacillus brevis for biodiesel synthesis using waste cooking olive oil and to optimize 

the key process variables of transesterification. 

7.2 Materials and Methods 

7.2.1 Materials: 

Lipase isolated from Lactobacillus plantarum, Lactobacillus brevis as described 

previously [170]. Used Olive oil, fresh olive was obtained from local restaurants and 
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purified with filters to eliminate food remains. Methyl oleate, methyl palmitate, 

methanol, hexane, sodium alginate were purchased from Sigma.  All other chemicals 

were obtained commercially and were of analytical reagent grade.  

7.2.2 Methods: 

7.2.2.1 Preparation of immobilized enzyme using sodium alginate: 

Sodium alginate gel was prepared by suspending 3 g of sodium alginate in 100 

ml distilled water [314], stirred for 5 min and incubated for 30 min. To this suspension 

0.5 ml of lipase enzyme was added and mixed thoroughly. Beads of uniform size were 

formed by dripping the solution in freshly prepared 250 ml of chilled 0.2 M calcium 

chloride. Beads were left in calcium chloride for 3-4 hrs and then resuspended in Tris-

HCl buffer (pH 8.2). The beads were washed several times with the buffer to remove 

unbound enzyme.  

7.2.2.3 Transesterification of waste cooking oil: 

The enzymatic transesterification was carried out using free and sodium alginate 

encapsulated lipase enzyme as catalyst. Transesterification reaction to produce biodiesel 

was investigated by using waste cooking olive oil, methanol as reactants, free lipase and 

encapsulated lipase beads dissolved in hexane as catalyst. Transesterification was carried 

out in a reaction flask with temperature control and rpm controlled mechanical stirrer.  

The waste cooking oil was preheated until the desired temperature was reached. After 

that, a mixture of methanol and hexane with lipase as a catalyst was added to the oil and 

the transesterification reaction was done [315]. The influence of various reaction 

parameters such as molar ratio of oil to methanol, amount of lipase catalyst to methanol, 

reaction temperature and mixing intensity on the amount of biodiesel yields were 

investigated. All the parameters were optimized to produce maximum yield (Table 9). 

The reaction was stopped after 2h and then any excess methanol is evaporated by heating 
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the sample to 65 °C for 30 min. The obtained biodiesel was kept at 4 °C overnight to 

form two different layers, upper ester layer and the bottom glycerol layer. Then biodiesel 

is removed using a pipette. The biodiesel samples obtained were later subjected to 

analysis by Gas Chromatography (Shimadzu, Kyoto, Japan) to determine the quality, 

weight of the methyl esters was determined to obtain the quantity of yield. The properties 

of biodiesel such as viscosity, and density were determined to understand the quality of 

biodiesel obtained according to the ASTM D 6751(American Society for Testing and 

Materials) standard test methods.  

7.3. Results:                                       

7.3.1 Effect of molar ratio of oil to methanol:   

In order to investigate the effect of oil to methanol molar ratios on biodiesel 

yields, different molar ratios of fresh and used oil to methanol analysed were 1:1, 1:2, 

1:3, 1:4, 1:5, 1:6, other parameters such as lipase catalyst concentration, reaction 

temperature 30 °C and agitation intensity of 120 rpm were kept constant (Table 8). It is 

evident (From Figure 7.1) that biodiesel yields alter with change in the oil to methanol 

ratios.  The highest biodiesel yields (both the cases of fresh and used) obtained were for 

the oil to methanol molar ratio of 1:6 and the biodiesel yields gradually reduce from the 

1:6 to 1:1 [316].  
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i=1:1, ii=1:2, iii=1:3, iv=1:4, v=1:5, vi=1:6 oil to methanol molar ratios, Temperature 30 
o
C, Mixing 

Intensity 120 rpm, Enzyme 2.5%  Lb: L. brevis, Lp: L. plantarum 

 

Figure 7.1a: Effect of molar ratio of alcohol to oil on transesterification of fresh olive 

oil by free and immobilized lipase 

 
 

i=1:1, ii=1:2, iii=1:3, iv=1:4, v=1:5, vi=1:6 oil to methanol molar ratios, Temperature 30 
o
C, Mixing 

Intensity 120 rpm, Enzyme 2.5%  Lb: L. brevis, Lp: L. plantarum 

 

Figure 7.1b: Effect of molar ratio of alcohol to oil on transesterification of waste 

olive oil by free and immobilized lipase 
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Table 8: Parameters used for biodiesel production. 

 

Variable Parameters 

 

Parameters kept constant for 

free enzyme 

Parameters kept 

constant for 

immobilized enzyme 

Methanol to Oil Ratio 

1:1 

1:2 

1:3 

1:4 

1:5 

1:6 

Amounts of Lipase: 2.5% (wt/v) 

Reaction Time: 2 h 

Mixing Intensity: 140 rpm 

Reaction Temperature:37 °C 

 

Amounts of Lipase: 

2.5% (wt/v) 

Reaction Time: 2 h 

Mixing Intensity: 140 

rpm 

Reaction 

Temperature:37 °C 

 

Lipase catalyst varied from  

2.5,  

3.0,  

4.0,  

5.0 % (wt/v) 

Oil to Methanol Ratio: 1:6 

Reaction Time: 2 h 

Mixing Intensity: 140 rpm 

Reaction Temperature:37 °C 

Oil to Methanol Ratio: 

1:6 

Reaction Time: 2 h 

Mixing Intensity: 140 

rpm 

Reaction 

Temperature:37 °C 

Mixing Intensity:  

120 rpm 

140 rpm 

160 rpm 

Oil to Methanol Ratio: 1:6 

Reaction Temperature:37 °C 

Amounts of Lipase: 2.5% (wt/v) 

Reaction Time: 2 h 

Oil to Methanol Ratio: 

1:6 

Reaction 

Temperature:37 °C 

Amounts of Lipase: 

2.5% (wt/v) 

Reaction Time: 2 h 

Reaction Temperature 

30 °C 

37 °C 

45 °C 

Oil to Methanol Ratio: 1:6 

Mixing Intensity: 140 rpm 

Amounts of Lipase: 2.5% (wt/v) 

Mixing Intensity: 140 rpm 

Oil to Methanol Ratio: 

1:6 

Mixing Intensity: 140 

rpm 

Amounts of Lipase: 

2.5% (wt/v) 

Mixing Intensity: 140 

rpm 

 

7.3.2 Effect of the amount of catalyst used: 

Lipase concentration is a crucial parameter for optimization of transesterification 

reaction, to make the biodiesel production more feasible, an optimum concentration 

should be found. The effect on biodiesel yields of the amount of catalyst (w/v) added to 

the reaction mixture were investigated. Figure 7.2 shows the biodiesel yields, the 

percentage weight of lipase catalyst to methanol. During the transesterification reaction, 

when the other parameters were kept constant, the catalyst loaded varied in the range of 
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2.5 to 5 % (w/v) of methanol (Table ). There is a linear trend found with increase in the 

amount of catalyst (Figure 7.2). Smaller amount of lipase catalyst resulted in poorer 

biodiesel yields when compared to higher amount of lipase loading. This indicates that 

lipase at higher concentrations is more efficient catalyst. However further increase in 

lipase catalyst amount above 5% w/v didn’t cause any significant rise in biodiesel yields 

[317]. 

 

 

 

 
 

Figure 7.2a: Effect of enzyme to methanol ratio on transesterification of fresh olive 

oil by free and immobilized lipase 
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1:6 oil to methanol molar ratio, Temperature 30 
o
C, Mixing Intensity 120 rpm, Lb: L. brevis, Lp: L. 

plantarum 

 

Figure 7.2b: Effect of enzyme to methanol ratio on transesterification of waste olive 

oil by free and immobilized lipase 
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lipase when compared to  the free lipase transesterification. The increase in temperature 

resulted in decrease in viscosity of oil and improved the catalytic site contact of the 

reactants and enhanced the enzymatic reaction, thus increasing the production [318, 319 

and 320]. However, further increase in temperature resulted in decrease in production as 

a result of evaporation of methanol and thermal denaturation of the catalyst in case of 

free lipase, however sodium alginate encapsulated lipase showed a better biodiesel yield 
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when compared to free lipase. This could be attributed to the better stability of lipase 

resulting from immobilization.  (Figure 7.3).  

 

 

 
1:6 molar ratio, Mixing Intensity 160 rpm, Enzyme 5%  Lb: L. brevis, Lp: L. plantarum 

 

Figure 7.3a: Effect of temperature on transesterification of fresh olive oil by free 

and immobilized lipase 
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1:6 molar ratio, Mixing Intensity 160 rpm, Enzyme 5%  Lb: L. brevis, Lp: L. plantarum 

 

Figure 7.3b: Effect of temperature on transesterification of waste olive oil by free 

and immobilized lipase 

 

 

 

7.3.4 Effect of mixing intensity of the reactants: 

The mixing rate of reactants significantly effects the biodiesel yields, the reactants 

were mixed at two different agitation rates 120, 140, 160 rpm (refer to Table 8) while all 

other parameters were kept constant. The yields were higher at agitation rate of 160 rpm 

when compared to agitation rate of 120 rpm, 140 rpm.  As the mixing intensity is 

increased, the reactants and the active site of catalyst have a better surface interaction, 

mass transfer, resulting in decreasing the activation energy of the reaction and diffusion 

from active site of the enzyme (Figure 7.4) [321].  
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Figure 7.4a: Effect of mixing intensity on transesterification of fresh olive oil by free 

and immobilized lipase 

 
 

 

1:6 molar ratio, Temperature 30 
o
C, Enzyme 5%, Lb: L. brevis, Lp: L. plantarum 

 

Figure 7.4b: Effect of mixing intensity on transesterification of waste olive oil by 

free and immobilized lipase  
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7.3.5 Viscosity and density properties of the biodiesel obtained:   

One of the main objective of the transesterification reaction to produce biodiesel 

is to reduce the viscous nature of olive oil and to make it more suitable as fuel for engine. 

Table 9 & 10 shows the viscosity of biodiesel obtained from waste olive oil varying 

several reaction parameters employing lipase from L. plantarum. The biodiesel viscosity 

obtained was in the range of ASTM D 6751 standards when observed at 40 o C [24]. The 

lowest viscosity was found for oil to methanol molar ratios of 1:1, 1:2 and 1:3 after 2 hrs 

of incubation. Another important property of biodiesel is density. The density of the 

biodiesel at 15 °C obtained from waste cooking oil was in the range of 860-874 kg/m3 

varying different parameters. The standard density of the biodiesel as per report ranges 

between 860-874 kg m−3 which is as per EN 14214 published by the European Committee 

for Standardization of biodiesel. [322]  

Table 9: Viscosity and density of biodiesel produced from waste cooking oil 

employing free lipase from L plantarum. 

 

Sample 

(Amounts of Lipase: 

2.5% (wt/v), Reaction 

Time: 2 h 

Mixing Intensity: 140 

rpm) 

Density  15 °C (EN-

14214, 860-874 kg m−3 ) 

Viscosity at 40 °C 

(ASTM D6751 1.9-6.0 

mm2/s) 

1:1 861 4.8 

1:2 873 4.9 

1:3 865 3.9 

1:4 878 4.1 

1:5 869 6.12 

1:6 871 6.39 
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Table 10: Viscosity, density properties of biodiesel produced from waste cooking oil 

employing immobilized lipase from L plantarum. 

 

Sample 

(Amounts of Lipase: 

2.5% (wt/v), Reaction 

Time: 2 h 

Mixing Intensity: 140 

rpm) 

Density  15 °C (EN-

14214, 860-874 kg m−3 ) 

Viscosity at 40 °C 

(ASTM D6751 1.9-6.0 

mm2/s) 

1:1 860 2.1 

1:2 872 2.8 

1:3 866 4.1 

1:4 870 5.7 

1:5 864 5.9 

1:6 880 5.2 

 

 

7.4 Discussion:  

The results obtained for all the biodiesel samples were significant and the 

maximum average value was 81%, 59 %, 67%, 54% using immobilized lipase, free lipase 

at 160 rpm, with 1:6 fresh olive oil to methanol ratios for immobilized lipases using 

Lactobacillus plantarum, Lactobacillus brevis respectively, whereas for used olive oil 

the maximum average value obtained was 65%, 58.5%, 55%, 41% using immobilized 

lipase, free lipase at  160 rpm, with 1:6 fresh olive oil to methanol ratios for immobilized 

lipases using Lactobacillus plantarum, Lactobacillus brevis respectively.  This yields 

were expected as the substrate used for transesterification was used cooking olive oil. 

Waste cooking oil possess free fatty acids which will interfere with reactants and catalytic 

site of the enzyme. The free fatty acids of the waste cooking oil traps large amount of the 

esters formed and leads to biodiesel yield loss [323]. Based on the stoichiometric 

equation, 1 mole of triglyceride reacts with 3 moles of alcohol and gives rise to 3 moles 

of fatty acid ester and 1 mole of glycerine [324].  We optimized the oil to methanol ratios 

and found that oil to methanol ratio of 1:6 was optimum for the maximum yields of 

biodiesel and this was found to be in agreement with the other reported cases [325]. The 
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biodiesel yield gradually increased by increasing in the methanol to oil ratio from 1:1 to 

1:6 [Figure 7.1].  Though the excess amount of methanol will result in forward reaction 

ensuring higher reaction rates minimizing diffusion of reactants from catalytic site but 

the excess oil to methanol ratio beyond 1:6 will bring down the catalytic efficiency of the 

free enzyme by partially inactivating it and leading to formation of glycerine layer, 

however in the case of encapsulated enzyme, the effect of glycerine is minimal and there 

is increase in biodiesel yields linearly when compared to free enzyme. The encapsulation 

prevents the reactants diffusion from the active to a certain extent [326] (can be seen in 

figure 7.1).   To further understand the effect of enzyme (free and immobilized) dosage 

on the biodiesel yield, the enzyme concentration was varied from 2.5 to 5.0 % w/v with 

respect to methanol content of the reaction system. Figure 7.2 showed the gradual 

increase in biodiesel production with increase in concentration to a certain extent, 

thereafter biodiesel content stagnated without any further increase in lipase concentration 

in both cases of free and immobilized enzyme.  It indicated that an excess of enzyme is 

not required when the reactants are a limitation and the lipase remained as a solid catalyst 

undissolved which became the rate limiting step [327].  Different reaction temperatures 

were also analysed to increase the biodiesel yield [Figure 7.3]. It was found that 45 oC 

was optimum for maximum biodiesel yield for free enzyme and for immobilized  enzyme 

the reaction temperature was optimum till 50 o C,. If the temperature of reactants was 

increased further till 55 o C, it resulted in evaporation of methanol and decrease in 

viscosity of oil that resulted in reduced interaction of reactants with enzyme and also 

thermal denaturation of  free enzyme, however the immobilized enzyme, the optimum 

temperature was  from 45 to 50 oC, with further increase in temperature the same 

downwards trend of transesterification yields as in the case of free enzyme was observed. 

At lower temperatures the olive oil viscosity increases, which leads to difficulty in 
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agitation of the reaction mixture, resulting in poor catalysis and lower yield for both the 

free and immobilized enzyme. The effect of mixing intensity of reactants on biodiesel 

production was investigated using different stirring rates of 120 rpm, 140 rpm and 160 

rpm, while other parameters were kept constant (Table 9). As indicated in Figure 7.4 a 

direct relation exists between agitation speed and biodiesel yield. The agitation speed of 

140 rpm showed optimum biodiesel yield beyond which there is was no significant 

increase in the yield was observed for both the free and immobilized enzyme [328, 329].  

Table 10 & 11 indicated the kinematic viscosity value range of the biodiesel obtained. 

The viscosity values obtained for biodiesel were far below the reactant olive oil, which 

can be adjusted by blending with petro-diesel. The viscosity values of biodiesel should 

range between 1.8-5.4 mm2/s as per ASTM D 6751 standards and the values for the 

obtained biodiesel were 4.8-6.39 mm2/s. The density values range between 860-874 kg 

m−3 as per the standards recommended by EN-14214. Density of biodiesel remained 

constant across various parameters used for transesterification reactions as can be seen 

in Table 8 & 9.  

7.5 Conclusions: 

The objective of this study was to optimize the reaction parameters required for 

the production of biodiesel exploiting used olive oil employing free and immobilized 

lipase isolated from Lactobacillus plantarum as a catalyst and to determine the viscosity, 

density properties of the obtained biodiesel. The results obtained for all the biodiesel 

samples were significant and the maximum average value was 81%, 59 %, 67%, 54% 

using immobilized lipase, free lipase at, 45 oC, 160 rpm, with 1:6 fresh olive oil to 

methanol ratios for immobilized lipases using Lactobacillus plantarum, Lactobacillus 

brevis respectively, whereas for used olive oil the maximum average value obtained was 

65%, 58.5%, 55%, 41% using immobilized lipase, free lipase at, 45 oC, 160 rpm, with 
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1:6 fresh olive oil to methanol ratios for immobilized lipases using Lactobacillus 

plantarum, Lactobacillus brevis respectively.  This yields were expected as the substrate 

used for transesterification was used cooking olive oil. Waste cooking oil possess free 

fatty acids which will interfere with reactants and catalytic site of the enzyme. The free 

fatty acids of the waste cooking oil traps large amount of the esters formed and leads to 

biodiesel yield loss. The immobilization allows easy recovery of the enzyme from the 

reactant mixture and its reuse for subsequent cycles of transesterification reactions. The 

biodiesel thus obtained is of superior grade with respect to viscosity and density as per 

international standards But it is further recommended to investigate the diesel properties 

such ash content, sulphur content, brake fuel efficiency  and other parameters with 

prolonged operation conditions for better yield.  
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Chapter 8 
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8.1 Summary 

Lipases possess good substrate specificity that exceeds any other known enzyme. 

This property of the lipase has led to its huge application potential that are literally 

boundless. 

Hence, the present study aims to characterize the lipase isolated from probiotic 

species Lactobacillus brevis and Lactobacillus plantarum for different applications. 

Based on the gaps available from the existing literature, the objectives of the present 

work can thus be broadly divided into the following aspects: 

➢ Lactobacillus sps. lipase mediated poly (ε-caprolactone) degradation by pouring 

method. 

➢ Lactobacillus sps. lipase mediated embedded PCL degradation. 

➢ To understand the effect of probiotic Lactobacillus plantarum derived lipase in 

synthesizing and capping, catalytically active gold nanoparticles. 

➢ In vitro hemocompatability evaluation of gold nanoparticles capped with 

Lactobacillus plantarum derived lipase. 

➢ Evaluation of antimicrobial Activity of Lactobacillus sps. lipase capped silver-

nanoparticle 

➢ Lactobacillus sps. lipase mediated conversion of waste cooking oil to Biodiesel. 

8.2 Conclusions: 

In conclusion the following observations are made about the results obtained in 

this study.  
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i) Lactobacillus sps. Lipase mediated poly (ε-caprolactone) degradation by pouring 

method 

The enzymatic degradation of the PCL film was performed by three different 

lipases obtained from Lactobacillus brevis, Lactobacillus plantarum and their co-culture. 

The enzymatic degradation was found to be significantly influenced by the concentration, 

time of exposure and the type of the enzyme. Among the three enzymes screened in this 

study, the lipase from Lactobacillus plantarum was found to possess the maximum PCL 

degradation activity at a nominal loading of 5 mg/mL. Thermogravimetric analysis 

results showed that with increasing exposure time of enzyme, the thermal stability of the 

PCL films decreased due to the polymer degradation. The DTA analyses revealed that 

the enzyme preferentially degraded the amorphous regions at first, as evidenced by the 

increase in percentage crystallinity of the polymer. While the SEM analysis has shown 

the cracked polymer surface after enzymatic degradation, the FTIR analyses confirmed 

the hydrolytic action of the enzymes on the ester bonds of the PCL films. The study 

reveals the potential of genetically engineered probiotic Lactobacillus class of lipases 

towards polymer degradation with enhanced efficiency. 

 

 

ii) Embedded enzymatic degradation of the PCL film 

The embedded enzymatic degradation of the PCL film was performed by four 

different concentrations of lipase obtained from Lactobacillus plantarum. The enzymatic 

degradation was found to be significantly influenced by the concentration, time of 

exposure. Among the four enzyme embedding screened in this study, the 8% embedding 

lipase from Lactobacillus plantarum was found to possess the maximum PCL 

degradation activity. Thermogravimetric analysis results showed that with increasing 

exposure time of enzyme, the thermal stability of the PCL films decreased due to the 
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polymer degradation. The DTA analyses revealed that the enzyme preferentially 

degraded the amorphous regions at first, as evidenced by the increase in percentage 

crystallinity of the polymer.  

iii) Towards single crystalline, highly monodisperse and catalytically active gold 

nanoparticles capped with probiotic Lactobacillus plantarum derived lipase 

GNPs capped with varying amounts of lipase as stabilizing agent have been 

successfully synthesized, as confirmed by UV-visible and IR spectroscopy studies. 

Significantly, the tight size control and near-monodispersity of the lipase-capped GNPs 

have been revealed by HR-TEM and DLS analyses. In particular, with 0.5 and 1 mg/mL 

of lipase, the synthesized GNPs exhibited modest polycrystallinity, whereas with higher 

amount of lipase as in 2 to 10 mg/mL, the obtained GNPs were nearly monocrystalline. 

The reduction of 4-NP to 4-AP studies revealed that the GNPs capped with 0.5 mg/mL 

of lipase exhibited the highest catalytic efficacy and the lowest catalytic efficacy was 

exhibited by 10 mg/mL lipase-capped GNPs. The clear trend showed that the catalytic 

sites of bare gold regions were more exposed and therefore available for efficient 

catalysis with 0.5 mg/mL lipase-capped GNPs. Indirectly, the results prove efficient 

capping of GNPs with lipase at higher loading, which minimizes the accessibility of bare 

gold regions for catalysis. The amine-functionalities of lipase enabled the anchoring of 

GNPs over Fe3O4 nanoparticles via glutaraldehyde conjugation. Such a strategy was 

found to be useful in recovering and reusing the GNPs. Further studies are directed to 

employ mild reducing conditions in order to preserve the activity of lipase anchored over 

GNPs, which would be useful for various applications including catalysis, sensing, drug 

delivery etc., 

iv) In vitro hemocompatability evaluation of gold nanoparticles capped with 

Lactobacillus plantarum derived lipase. 
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 The present study revealed that lipase capped GNPs synthesized using NaBH4 

approach are stable and hemocompatible. It was found that there was two-fold increase 

in fibrinogen levels after the exposure to nanoparticles, which is consistent with other 

studies. However, the increase in fibrinogen levels was found not to have any adverse 

effect on the blood coagulation parameters such as clotting time, clot strength and clot 

formation kinetics. Furthermore, our study also revealed that there was no significant 

change in the platelet aggregation behavior. The hemocompatability is attributed to the 

very small size regime (sub-10 nm) and the eco-friendly behavior of the probiotic lipase-

capped GNPs. Future studies can be directed to determine the coagulation effects of 

GNPs as a function of size as well as at elevated concentrations. 

v) Evaluation of Antimicrobial Activity of Lactobacillus sps. Lipase Capped Silver-

Nanoparticle 

Probiotic lipase from Lactobacillus plantarum was employed as a stabilizing 

agent for Ag NPs synthesized through NaBH4 reduction method. The concentrations of 

lipase and AgNO3 were systematically varied from 25-100 μg/mL and 0.2-1.0 mM, 

respectively. While FT-IR studies revealed the successful capping of lipase over Ag NPs, 

UV-vis spectroscopic studies indicated the formation of smaller size nanoparticles with 

increased lipase concentration. The DLS and HR-TEM analyses revealed that the Ag NPs 

obtained from 0.2 mM AgNO3 solution with 100 μg/mL of lipase capping were the 

smallest in size. Among all the combinations, the 100 μg/mL lipase capped Ag NPs 

synthesized from 0.2 mM AgNO3 solution exhibited the best antimicrobial property 

against both gram positive (S. aureus) and gram negative (P. putida) bacteria at a MIC 

of 10 nM. In case of A. niger, the MIC exhibited by the same composition was found to 

be 15 nM. Thus, the combination of ultra-small size Ag NPs and lipase capping resulted 

in synergistic and efficient antimicrobial activity at concentrations much lower than the 
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LC50 values of zebrafish. Furthermore, the efficient MIC values against the representative 

bacteria and fungus reveals the high potential of the lipase capped Ag NPs as broad 

spectrum antimicrobial agents.  

vi) Biodiesel Synthesis from Waste Cooking Oil Employing Lipase Isolated from 

Probiotic Lactobacillus plantarum 

 The results obtained for all the biodiesel samples were significant and the 

maximum average value was 83.5% at 1:6 oil to methanol ratio for fresh olive oil used. 

This yields were expected as the substrate used for transesterification was fresh cooking 

olive oil. While with the waste cooking oil the highest yields obtained were 67%,   as it 

possess free fatty acids which will interfere with reactants and catalytic site of the 

enzyme, thus decrease in yeild. The biodiesel production was found to be effective at 45 

oC, 160 rpm, 2 hours of reaction time and 6:1 methanol to olive oil molar ratio using 5 

wt% of lipase enzyme (based on the volume of methanol). This is an efficient process as 

it uses waste cooking oil with a significant amount of waste oil conversion, amount of 

catalyst loaded and reaction time. The transesterification reactions yielded biodiesel of 

superior grade with respect to viscosity and density properties.  

8.3 Major contributions of the work 

The following are the major contributions from the above work. 

➢ There are several reports on degradation of PCL employing lipase obtained from 

single cultures of bacteria and fungi. But to the best of our knowledge this was 

the first report of eco-friendly approach degradation of PCL employing probiotic 

lipase obtained from single and co-cultures of Lactobacillus plantarum and 

Lactobacillus brevis.  

➢ We have also been successful to show degradation of PCL by enzyme embedded 

approach which will pave the way for developing polymer with different 
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degradation times and properties that can be tailored according to the surgical 

applications. 

➢ This is one of the first few approaches for green synthesis of catalytically active, 

single crystalline lipase capped gold nanoparticles, with superior catalytic 

activity. 

➢ Synthesis of biocompatible gold nanoparticles were studied for their influence on 

blood clotting and found to be very hemocompatible. 

➢ We successfully synthesized lipase capped silver nanoparticles and evaluated its 

antimicrobial activity and this provided us an estimate of the antimicrobial 

efficacy and efficiency of the silver nanoparticles in comparison to the antibiotics.  

➢ We successfully optimized the reaction parameters for synthesis of biodiesel 

exploiting waste cooking olive oil employing free and immobilized lipase 

isolated from Lactobacillus plantarum, L. brevis as a catalyst. 

8.4 Future scope of work  

The future possibilities arising from the results of the present work are as given below:  

➢ This study helps us to make polymer biomaterials with different half degradation 

times suiting different applications.  

➢ Lipase capping of nanoparticles can be exploited for drug delivery approaches 

since the gold nanoparticles were synthesized in a greener, eco-friendly approach 

and the materials were proven to be hemocompatible.  

➢ Other immobilization techniques can further be studied to check the functional 

efficacy of the lipase for synthesizing industrially important compounds. 

➢ Synthesis of lipase mediated long chain fatty acid esters, amides and polymer 

degradation can further be studied.  
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